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Abstract 
The function of a protein is intimately linked to the intrinsic dynamics of its structure. Therefore, to fully 

understand the ubiquitous biological machinery that is proteins, we must probe these elusive motions. 

Hydrogen/deuterium exchange (HDX) of protein backbone amides provide a sensitive probe for these 

structural dynamics. As each exchange of one isotope for the other incurs a change in the mass of the 

protein, mass spectrometry (MS) can be used to monitor this exchange in a methodology termed HDX-

MS. Thus, HDX-MS is a powerful tool for the study of protein structural dynamics.  

While each amino acid position along the protein backbone (except for proline) provides a probe for 

hydrogen/deuterium exchange, the resolution offered by HDX-MS is limited to the ability to generate 

unique backbone fragments which can be used to infer the isotopic occupancy (1H i.e. hydrogen or 2H i.e. 

deuterium) for a single amide or a range of amides. For this reason, gas-phase fragmentation has been 

investigated as a means of achieving high resolution amide exchange data for the past two decades. However, 

a prerequisite for the use of gas-phase fragmentation in HDX-MS is the conservation of the solution phase 

isotopic labeling into the gas-phase, during gas-phase transport, and during the fragmentation process itself. 

This is non-trivial due to the risk of internal energy buildup during these processes which can cause 

intermolecular proton migration, thus essentially randomizing the isotopic labeling of the analyte ion. This 

process is called hydrogen scrambling. To reduce hydrogen scrambling prior to fragmentation the energy 

imparted during gas-phase ion transport must be reduced. However, this optimization generally occurs at 

a cost to ion transmission. 

In Manuscript I enclosed in this thesis we investigate how an optimum between low hydrogen scrambling 

and transmission efficiency can be found at minimal cost to transmission efficiency. We also demonstrate 

the utility of this approach by performing bottom-up HDX-MS/MS using electron transfer dissociation 

(ETD) on a well-characterized protein. 

In addition to ion transport, hydrogen scrambling can be induced during the fragmentation process itself. 

Currently, ETD and electron capture dissociation (ECD) are well established as techniques which do not 

cause hydrogen scrambling in protonated peptides. More recently, this feature was also demonstrated for 

213 nm ultraviolet photodissociation (UVPD) on a unique custom-build instrumental setup. Therefore, in 

Manuscript II enclosed in the thesis, we set out to replicate these results on the first commercial 

implementation of UVPD. However, to our surprise, all UVPD generated fragment ions in our commercial 

setup showed extensive hydrogen scrambling. 
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Dansk resumé 
Et proteins funktion er tæt forbundet med dets iboende dynamiske struktur. Det er derfor nødvendigt at 

undersøge disse flygtige bevægelser, for helt at forstå de allestedsnærværende biologiske maskiner som 

proteiner er. Hydrogen/deuterium-udveksling (HDX) af amiderne i proteiners rygrad er en sensitiv probe 

for disse strukturelle dynamikker. Da enhver udveksling fra en isotop til den anden medfører en ændring 

af proteinets masse, kan massespektrometri (MS) anvendes til at monitorerer denne udveksling. Dette 

udgør metodologien HDX-MS. HDX-MS er derfor et effektivt værktøj til at studerer proteiners dynamiske 

struktur.  

Hver aminosyreposition langs proteinets rygrad (bortset fra prolin) udgør en probe for 

hydrogen/deuterium-udveksling, men den opløselighed som kan opnås med HDX-MS er begrænset af evnen 

til at generere unikke sekvensfragmenter, som kan bruges til at udlede indholdet af hver isotop (1H dvs. 

hydrogen eller 2H dvs. deuterium) for et enkelt amid eller en sekvens af amider. Derfor er gas-fase 

fragmentering blevet undersøgt, som en måde hvorpå isotopindholdet kan bestemmes med stor rummelig 

præcision, gennem de seneste to årtier. I denne sammenhæng er det dog en forudsætning, at væskefasens 

isotopmærkning kan bevares ind i gas-fasen under transport og under selve fragmenteringsprocessen. Dette 

er imidlertid ikke trivielt på grund af risikoen for opbygning af intern energi under disse processer. Denne 

energiopbygning kan nemlig resultere i intermolekylær protonvandring, hvorved der sker randomisering af 

analyttens isotopmærkning, også kaldet hydrogenmigration (scrambling). For at reducere den 

hydrogenmigration, som sker før gas-fase fragmentering, skal andelen af energi som tilføres under gas-fase 

transport reduceres. Denne optimering medfører dog en reduktion i transmissionseffektiviteten. 

I det første manuskript som er vedlagt denne afhandling, undersøger vi hvordan et optimum kan findes, 

således at der opnås lav hydrogenmigration med minimale omkostninger for transmissionseffektiviteten. Vi 

demonstrerer også anvendeligheden af vores metode ved at udføre et bottom-up HDX-MS/MS-forsøg med 

elektron-overførselsdissociation (ETD) på et velkarakteriseret protein. 

Udover ved iontransport, kan hydrogenmigration induceres under selve fragmenteringsprocessen. For 

nuværende er ETD og elektron-indfangningsdissociation (ECD) veletableret som teknikker, der ikke 

forsager hydrogenmigration i protonerede peptider. For nyligt blev denne egenskab også påvist for 213 nm 

ultraviolet fotodissociation (UVPD), med en unik specialbygget instrumentel implementering. Derfor har 

vi i det andet manuskript som er vedhæftet denne afhandling, prøvet at gentage disse forsøg på den første 

kommercielle implementering af UVPD. Til vores overraskelse kunne vi dog vise, at alle UVPD-genererede 

fragment-ioner i vores kommercielle implementering af UVPD udviste en høj grad af hydrogenmigration.  
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Abbreviations 
AA, amino acid  

CID, collision induced dissociation  

D, deuterium  

DNA, deoxyribonucleic acid  

ECD, electron capture dissociation  

Cryo-EM , cryo-electron microscopy  

ESI, electrospray ionization  

ETD, electron transfer dissociation  

H , hydrogen  

H/D, hydrogen/deuterium  

HDX, hydrogen/deuterium exchange  

HDX-M S, hydrogen/deuterium exchange 

monitored by mass spectrometry 

 

HDX-NM R, hydrogen/deuterium exchange 

monitored by nuclear magnetic resonance 

spectroscopy 

 

ISD, in-source decay  

IVR, internal vibrational energy redistribution  

LC, liquid chromatography  

m/z, mass-to-charge  

M ALDI, matrix assisted laser 

desorption/ionization 

 

M S, mass spectrometry  

NM R, nuclear magnetic resonance  

PDLA, poly-D-L-alanine  

PDLL, poly-DL-lysine  

RNA, ribonucleic acid  

RP, reversed phase  

TCEP, tris(2-carboxyethyl) phosphine  

TOF, time-of-flight  

UPLC, ultra-performance liquid 

chromatography 

 

UVPD, ultraviolet photodissociation  
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1 Introduction 
1.1 Analysis of higher order structure and dynamics of proteins 

Proteins are polymers and generally consist of a combination of 20 naturally occurring amino acids. Some 

proteins are able to assume intricate three-dimensional structures in a spontaneous process termed protein 

folding[4, 5], while others only assume well defined structures upon binding[6, 7]. The structures formed by 

proteins are popularly described on four levels: primary, secondary, tertiary, and quaternary structures. 

The primary structure is defined by the sequence of amino acid residues and can be determined indirectly 

from DNA/RNA sequence or by de-novo sequencing using Edman degradation or mass spectrometry (MS). 

Secondary structure are orderly structures that are stabilized by hydrogen bonds between backbone amides. 

Common secondary structures are α-helices and β-sheets, while segments of the backbone which do not 

form orderly structures are termed random coils. Circular dichroism can be used to detect changes in the 

secondary structure of proteins. On the tertiary structure level, multiple secondary structures from the 

same polypeptide chain can form larger structures which are primarily stabilized by interactions involving 

the amino acid sidechains. Thus, the chemical nature of these interactions includes hydrophobic 

interactions, salt-bridges, disulfide bonds and van der Waals forces. Lastly, quaternary structure come into 

play when two or more polypeptide chains interact to form a stable structure. Importantly, these structures 

are dynamic due to the labile nature of non-covalent bonds. The dynamic structure of proteins is further 

evidenced by the protein folding reaction, which will be discussed briefly in the next paragraph.  

One current mechanistic view of spontaneous protein folding visualizes the folding process as a path on a 

three-dimensional plane, shaped as a funnel, from an initial high free-energy state to a native low free-

energy state (See Figure 1A)[8, 9]. According to this funnel view the folding process can follow any number 

of combinatoric microscopic routes. However, some paths will be more likely than others, giving rise to a 

folding pathway view in which the energy landscape of a particular protein is such that a single global 

folding pathway is dominant. This leads to the other mechanistic view that proteins fold in well-defined 

steps through intermediate structures termed foldons (See Figure 1B)[9-11].  
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Figure 1 Two mechanistic protein folding models. (A) Protein folding based on energy landscape theory states that proteins arrive 

at their native conformation by a downhill search which happens through innumerable microscopic combinatoric steps guided by 

residue-level dynamics. (B) Folding of a protein through a single major pathway defined in steps with each well on the free-energy 

ladder defined by the sequential folding of native-like structures termed foldons. This figure was based on [9]. 

Protein structure and dynamics are intimately linked to function[4], and therefore several methods have 

been developed to characterize the higher order structure of proteins. These structural analysis methods 

include X-ray crystallography, nuclear magnetic resonance (NMR) spectroscopy, cryo-electron microscopy 

(cryo-EM), and MS. Each of these methods have specific characteristics which make them particularly 

suited for specific scientific questions or specific biological systems. 

X-ray crystallography achieves atomic (and even sub-atomic) resolution by analyzing the scattering pattern 

of X-ray light as it passes through a protein crystal[12]. By virtue of the reliance on crystallized protein the 

resulting protein structure is a static image and other methods must be applied to capture the dynamics 

of a protein structure. In NMR spectroscopy a protein structure can be studied in the liquid phase over 

time by measuring the distance between atoms. As a result, NMR can resolve structural dynamics at high 

resolution. However, resolving protein structures above a certain size may be unfeasible as the number of 

atoms which can be resolved is limited by the field strength of the instrument[13, 14]. More recently cryo-

EM has emerged as a technique for imaging flash-frozen protein structures at close to atomic resolution (2-

5 Å)[15]. Cryo-EM 3D-structures are generated computationally based on many images from different 

orientations. MS based methods for structural analysis rely on a variety of sample preparation techniques 

to carry structural information into the MS domain. In native MS the native structure is transferred 

directly into the gas-phase which enables the dissection of quaternary stoichiometry[16]. The combination 
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of ion mobility and native MS allows determination of the collisional cross section of a specific structure. 

Another approach which utilizes MS for detection is the use of chemical crosslinking in which compounds 

of specific length is made to react with the native protein structure[17]. These links can then be located 

using MS, thus providing a distance between two points in the protein structure. The present project 

revolves around HDX monitored by MS as a structural technique to characterize protein dynamic structure 

and the following sections include a detailed description of this technique. 

1.2 Hydrogen/deuterium exchange 

Hydrogen/deuterium exchange (HDX) is the process in which covalently bound 1H (hydrogen) is replaced 

with the heavier isotope 2H (deuterium) or vice versa. A group of researchers lead by Linderstrøm-Lang at 

the Carlsberg Laboratories laid the foundation for HDX as a well-characterized biophysical technique in 

the 1950’s[18]. Linderstrøm-Lang and coworkers wanted to investigate the hydrogen bonding in protein 

secondary structures and ended up relating the backbone amide exchange to protein conformational 

dynamics[19-21]. The theoretical framework that they developed is still at the foundation of how we 

understand the global HDX of protein structures today[18, 22]. At the time of Linderstrøm-Lang, HDX was 

quantified using a density gradient column[18, 23]. As new methods were developed, hydrogen exchange could 

be measured using infrared spectroscopy[24], gel-filtration[25], and scintillation counting[26]. These early 

techniques only allowed measurement of the exchange on a global scale. Higher resolution HDX was 

introduced with one-dimensional nuclear magnetic resonance (NMR) spectroscopy[27], which made it 

possible to expand the theoretical framework down to the primary structure effects[28, 29]. The capabilities 

of HDX-NMR spectroscopy was further developed with the advent of two-dimensional NMR 

spectroscopy[30]. Outside of NMR spectroscopy, progress was also being made towards increasing the 

resolution of HDX by quantifying the exchange in fragments produced by pepsin digestion of the labeled 

protein[31, 32]. Today HDX is monitored by two-dimensional NMR spectroscopy or MS[18, 33, 34]. MS detection 

of proteins was first demonstrated with the advent of soft ionization techniques; matrix-assisted laser 

desorption ionization (MALDI) in 1988[35] and electrospray ionization (ESI) in 1989[36]. Shortly after in 

1990, the first study to demonstrate HDX-MS of an intact protein (global HDX-MS) was published[37, 38]. 

The now classical local HDX-MS approach, which combine pepsin fragmentation and MS, came shortly 

after with Zhang and Smith[39] and was refined by Johnson and Walsh[40]. While HDX-NMR spectroscopy 

generally provide higher resolution compared to HDX-MS, HDX-MS is often preferred due to low sample 

consumption and having virtually no size limitation[33, 34]. However, the pursuit of high-resolution exchange 

kinetics has not escaped HDX-MS (See Section 1.4.2). Recent developments within the field of HDX-MS 

has seen not only technical and scientific improvements in the form of a continuous rise in publications[41], 

but also a strengthening of the global HDX-MS community through the international society of HDX-MS 
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which held its first conference in 2017[42]. From this first conference, a community paper emerged seeking 

to set a consensus for, and further the discussion of, best practices in HDX-MS[43].  

As described in the previous paragraph, an understanding of the primary structure effects which direct 

chemical exchange was a relatively late addition to the theory of HDX. Nevertheless, a description of the 

exchange of unstructured peptides will be the onset of this section before moving on to the theory of HDX 

in structured proteins. 

1.2.1 Hydrogen/Deuterium exchange of unstructured peptides 

Polypeptide chains contain many hydrogen atoms, however only heteroatom-bound hydrogens (O-H, N-H, 

and S-H) are in continuous exchange with aqueous solvent under normal HDX experimental conditions. In 

Figure 2, a sample peptide is drawn at pH 7, all the heteroatom-bound hydrogen are colored, but only the 

backbone amides (blue) are commonly measured in in-solution HDX-MS. This is because, in in-solution 

HDX-MS the labeling and detection is separated in time and space by the analysis phase. This results in 

positions, which exchange too fast to allow sufficient quenching, to exchange back during the analysis step 

which occurs mostly in hydrogenated solvent. This is because, even at optimal quench conditions which 

are low temperature (0°C) and acidic (pH 2.5), the lower pKa of the side-chain hydrogens still result in 

rapid exchange. Therefore, in the following text when referencing hydrogen exchange in peptides and 

proteins it will be in relation to backbone amides unless otherwise stated. 

 

Figure 2. Drawing of the peptide Leu-Val-Cys-Asp-His-Lys-Ser at pH 7. Heteroatom bound hydrogen are categorized into those 

which can be quenched sufficiently for detection in HDX-MS applications (blue) and those which escape detection due to rapid 

exchange even at quench conditions (red). Non-exchangeable carbon-bound hydrogen atoms have been omitted for simplicity. The 

figure was produced in ChemDraw Professional 20.1 and Inkscape. 

The rate of exchange of a backbone amide in an unstructured peptide is influenced by several factors: 

pH[29], temperature[29], salts[44], solvents[32, 45], and the local chemical environment[28, 29, 46]. Additional factors 

influence the exchange in protein structures (See Section 1.2.2).  
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The pH dependence of peptide NH exchange is rooted in the acid- and base-catalyzed reactions (See Figure 

3)[47]. The exchange is also catalyzed by water but in a pH-independent manner and while the water-

catalyzed component contributes significantly to exchange at the pHmin it becomes negligible as the acid 

or base component increase. Thus, the chemical exchange rate of a backbone amide in an unstructured 

peptide can be approximated by adding each contribution according to Equation 1[29]. 

kch=kA·[H3O+]+kB·[OH-]+kW Equation 1 

The rate constants are adjusted to account for a specific set of temperature, salt-condition, and neighboring 

sidechains[28, 29, 46]. For charged residues the amount of and specific rate for each charge state must be taken 

into account[28, 46].  

 

Figure 3. Mechanisms for solution phase base- and acid-catalyzed HDX of protein backbone amide-protons. a. base-catalysis, b. 

acid-catalysis via N-protonation, c. acid-catalysis via O-protonation. The figure was produced using ChemDraw Professional 20.1 

and Inkscape. 

Figure 4A illustrates the strong pH dependence of the hydrogen exchange reaction and how the large base-

catalyzed reaction rate constant skews the pHmin towards the acidic pH-range. When moving away from 

pHmin the exchange rate increases by approximately 10-fold for each unit increase in pH. 

The dependence of temperature on the hydrogen exchange rate can be modeled by adjusting the rate 

constants in accordance with the Arrhenius equation (See Equation 2). 

k(T2)=k(T1)∙e
−

Ea
𝑅

(
1
T2

 - 
1
T1

)
 Equation 2 
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Thus, according to Equation 2 we can adjust the reaction rate at temperature T1 to find the rate at 

temperature T2 for each of the catalyzed reactions by knowing the activation energies Ea for the base- (17 

kcal/mol), acid- (14 kcal/mol), and water-catalyzed (19 kcal/mol) reactions[29]. R is the universal gas 

constant (1.987·10-3 kcal/K·mol). The temperature dependence of the hydrogen exchange reaction is 

illustrated in Figure 4B as the intrinsic exchange rate (kch) for a single amide in poly-D-L-alanine (PDLA) 

at various temperatures in H2O at pH 2.5. A 25°C reduction in temperature amounts to an approximate 

10-fold reduction in the exchange rate (See Figure 4B). Combined Figure 4A and 4B illustrate the 

importance of controlling pH and temperature in an HDX experiment as well as how these factors can be 

utilized to quench the exchange reaction. At common exchange conditions around ambient temperature 

(25°C) and neutral pH, the half-lives of amide hydrogen in an unstructured polypeptide are in the sub-

second range. However, by adjusting the pH and temperature to quench conditions (0°C and pH 2.5) this 

is increased approximately 5 orders of magnitude, resulting in half-lives from several minutes to a couple 

of hours. This drastic reduction in exchange rate makes it possible to retain a snapshot of the labeling 

during downstream analysis steps before the exchange can be quantified. 

  

Figure 4. Illustration of how pH and temperature affect the chemical exchange rate of poly-D-L-alanine (PDLA). A) the log(kch) 

(red) and log(t½) (black) of deuterated PDLA in water (D to H exchange) is modelled using Equation 1 with the specific rate 

constants at 20°C as determined by Nguyen et al. (2018)[46] using the Excel spreadsheet “HXrates2018_DH.xlxs” available from 

the Englander Lab website (http://hx2.med.upenn.edu). B) The intrinsic exchange rate for a single amide hydrogen in PDLA for 

temperatures between -20 and 25°C at pH 2.5. The chemical exchange rates for loss of deuterium was calculated using the Excel 

spreadsheet “HXrates2018_DH.xlxs” available from the Englander Lab website (http://hx2.med.upenn.edu)[46]. 

Several studies have also demonstrated an effect of ionic strength on the rate of amide hydrogen exchange[48-

50]. The size of this effect on exchange in unstructured peptides depends on the specific amino acids sequence 

as the effect is lacking for PDLA while it has been found to significantly alter the rate of exchange for 
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amide hydrogen in poly-DL-lysine (PDLL) at 50 mM NaCl[48]. Since the effect correlate with side chain 

charge (alanine being neutral and lysine being charged), the effect has been attributed to counterion 

condensation[48]. In essence, this means that the high charge density of PDLL will result in a locally 

increased concentration of counterions surrounding PDLL compared to the bulk solution. Given the large 

positive charge density of PDLL a fraction of the surrounding counterions will be OH-, which in turn results 

in an increase in the pH immediately surrounding PDLL compared to the solution mean pH. As the 

concentration of competing counterions increase (e.g. Cl-), the fraction of OH- in the shell will decrease 

causing the local pH to decrease. This influences the relative sizes of the base- and acid-catalyzed 

components of Equation 1. While PDLL is not a realistic model of a naturally occurring peptide, the effect 

has also been demonstrated for real protein fragments in denaturing conditions[50]. 

The local chemical environment within an analyte also influences the exchange rate of backbone amides 

significantly[28, 29, 46]. The exchange rate of a backbone amide is affected by the side chains immediately 

neighboring that amide while the effect of side chains further away is negligible[28]. Electron-withdrawing 

side chains (positively charged and polar) will accelerate the base-catalyzed reaction and attenuate the 

acid-catalyzed reaction relative to alanine[28]. This ultimately shifts the pHmin towards a relatively lower 

pH compared to the alanine side chain. This effect is exemplified in Figure 5 by the amide HDX rate to 

the left (Figure 5A, compare purple and green) and to the right (Figure 5B, compare purple and green) of 

the polar asparagine side chain[29, 46]. Bulky side chains have a slowing effect on the exchange rate of 

nearest-neighbor amide hydrogens by steric blocking. This is exemplified in Figure 5 by the effect of the 

bulky beta-branched side chain of isoleucine on the neighboring left (Figure 5A) and right (Figure 5B) 

amide. The combined effect of two nearest-neighbor side chains has been found to be additive[28, 29]. In line 

with the effect of the nearest-neighbor side chains on backbone amide hydrogen exchange, peptide terminals 

have local chemical environments which set them apart from the rest of the peptide chain. The N-terminal 

amino group will accelerate exchange for the first backbone amide while the C-terminal carboxylic acid 

will slow exchange for the last backbone amide[46, 51]. These primary structure effects are very important 

in this project as they are the basis for the regioselective labeling behavior of the P1 peptide probe for 

quantifying intramolecular H/D migration in the gas-phase[52]. 
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Figure 5. Illustration of how different amino acid side chains influence the H to D exchange rate at the neighboring backbone 

amide to the left (A) and to the right (B) of the side chain at 20°C. The chemical exchange rates were calculated based on the 

model dipeptides used by Bai et al. (1993)[29] using the Excel spreadsheet “HXrates2018_HD.xlxs” available from the Englander 

Lab website (http://hx2.med.upenn.edu)[46]. 

1.2.2 Hydrogen/Deuterium Exchange of proteins 

This section will build upon the HDX theory from unstructured peptides by describing how the higher-

order structures of proteins influence exchange. It is well established that an amide hydrogen engaged in a 

hydrogen bond with the protein matrix is essentially blocked from exchange[53]. In turn, the nature of the 

structural organization of proteins provide an elegant medium for interrogation by HDX, as each backbone 

amide present a thermodynamic probe for backbone hydrogen bonding which make up the secondary 

structures. As previously discussed, proteins exhibit structural dynamics by which the protein can sample 

many different conformations with smaller or larger alterations to the hydrogen bonding network which 

breaks and reforms on local, regional, or global scales. These transient unfolding events occur repeatedly 

and with each unfolding an opportunity for exchange arises. This view of HDX in structured proteins is 

described by the Linderstrøm-Lang model which states that an amide hydrogen can be in a “closed” and 

“open” conformation where only the open conformation is available for exchange. The exchange mechanism 

is often written in some variation of Equation 3[22, 33]. 
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In this way every amide hydrogen can have a unique set of rates of opening (kop), closing (kcl), and chemical 

exchange (kch) which produce an overall rate of exchange (kHDX) according to Equation 4. 

k
HDX

 =
kop · kch

kop + kcl + kch
  Equation 4 

In the simplest case, an amide hydrogen may never partake in hydrogen bonding with the protein structure 

and have no other factors determining the exchange, apart from the primary structure effects which would 

yield rapid exchange such that kHDX ≈  kch. However, for amides which do participate in hydrogen bonding 

in the native protein it is commonly assumed that kcl >> kop
[22, 54]. In this case Equation 4 simplifies to 

k
HDX

 =
kop · kch

kcl + kch
  Equation 5 

With this assumption two limiting scenarios follow, which can be observed in real HDX data. These are 

termed EX1 and EX2 kinetics[22, 33]. EX1 kinetics occur in the scenario where kch >> kcl, meaning that 

exchange will occur the first time a position transitions from closed to open. Thus, the rate of exchange in 

the EX1 regime is limited by kop such that 

kHDX = kop Equation 6 

EX1 kinetics are observed for global unfolding events and are rarely encountered at native conditions, since 

global unfolding implies that the native structure is unstable. The limit of the EX2 regime is kcl >> kch, 

meaning that many cycles of unfolding and refolding can occur before any exchange is observed yielding 

k
HDX

 =
k

op

kcl
kch Equation 7 

EX2 kinetics thus imply rapid movements which are often localized to few or even a single amide[55]. EX1 

and EX2 kinetics display distinct signatures when measured using HDX coupled to mass spectrometry. 

While the common EX2 kinetics results in a gradual shift of the average mass, EX1 kinetics display bimodal 

patterns. Importantly, EX1 kinetics become increasingly difficult to detect in mass spectrometry when the 

number of sites exhibiting this behavior decrease since the separation of the populations in the mass-to-

charge domain diminish[56]. Furthermore, in real biological systems it is possible to observe an intermediate 

of the EX1 and EX2 mechanisms making interpretation more difficult.  

In the first part of this section, it has been described how opening and closing of the protein structure can 

modulate the rate of amide hydrogen exchange. While these states could be dominated simply by the 

breakage and formation of hydrogen bonds, an additional parameter is often attributed to the slowing of 
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exchange in structured proteins, namely solvent accessibility. Since hydrogen exchange is catalyzed by the 

solvent, solvent accessibility is often said to be an important factor in HDX rates[57, 58]. This means that 

an amide which is buried in the structure but not hydrogen bonded should still exchange slower than the 

chemical exchange rate (kch). This generalization is opposed by others on the basis that burial depth of 

amides (distance from the protein surface) does not generally have an inverse correlation with chemical 

exchange rate (kch)[53]. They instead claim that HDX protection is ruled by hydrogen bonding and in turn 

explain exchange of buried amides by unfolding events[53]. Thus, the relative importance of steric blockage 

on the rate of exchange in structured proteins remain a subject of debate[53, 59, 60].  

1.3 Mass spectrometry of peptides and proteins 

It is almost impossible to overstate the importance of mass spectrometry (MS) in modern biochemistry 

and molecular biology research. While the technological invention is attributed to J.J. Thomson around 

1913[61], the application of MS for the measurement of biomolecules was hindered by the lack of compatible 

desolvation and ionization techniques. Although, fast atom bombardment[62] allowed for sequence analysis 

of peptides[63, 64], the transfer of proteins into the gas-phase has only been possible since the late 1980s. Yet, 

MS has yielded incredible insights within these fields over the years. The pivotal breakthrough which made 

protein MS possible was the ability to bring these large polar molecules into the gas-phase in a 

nondestructive way. This was made possible with invention of matrix assisted laser desorption/ionization 

(MALDI) by Karas and Hillenkamp (1988)[35] and electrospray ionization (ESI) by Fenn et al. (1989)[36]. 

Mass spectrometric measurement takes place in three stages which are: Generation of gas-phase ions, 

separation of these ions according to their mass-to-charge (m/z) ratios, and finally detection. The result is 

a spectrum of m/z ratios and intensity corresponding to the number of ions detected. For ESI-MS the 

resulting spectrum of m/z values may include multiple charge states for the same molecular species 

according to [M+nH]n+ (for positive mode ESI). In addition a species may be resolved into isotopic peaks 

due to the natural frequency of different isotopes (e.g. 13C and 15N). Over the decades several methods 

have been developed to achieve these steps. In the present project two quite different mass spectrometers, 

both with atmospheric pressure ESI source, were used. Therefore, the theories described in the present text 

will be based on the implementations in these instruments. The instruments are the maXis II ETD (Bruker 

Daltonik, GmbH, Bremen, Germany) and the Orbitrap Fusion Lumos Tribrid (henceforth “Lumos”) 

(Thermo Fischer Scientific, MA, USA). While both instruments carry ESI ion sources and quadrupole mass 

filters, they differ in their mass analyzer technologies. In the following sections the processes from ionization 

through ion transport to gas-phase fragmentation will be described in that order. Throughout the sections 

there will be a focus on factors which influence the ion internal energy in the gas-phase as this plays a key 

role in the two manuscripts included in this thesis. 
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1.3.1 The electrospray ionization process 

Much of the prevalence of ESI in biochemistry and molecular biology can be attributed to the fact that 

ESI is applied to a solution. This makes it possible to couple an ESI source directly to LC, which is heavily 

utilized to reduce the complexity of biological samples so that a higher dynamic range can be achieved. 

The samples enter the atmospheric pressure ESI source through a metal capillary to which a strong electric 

field of several kV/cm is applied (See Figure 6[65]). In this project, positive ion mode was used, as is most 

common for peptides and proteins, where the potential on the spray capillary is positive. This potential 

effectively turns the ESI source into an electrochemical cell in which electrochemical oxidation of solvent 

at the capillary/solvent interface (e.g. water: 2 H2O (l) → O2 (g) 4 H+ (aq) + 4 e-) drives the flow of 

electrons to the grounded mass spectrometer[66]. This in turn results in a buildup of protons in the solvent 

which is distorted into a Taylor cone at the capillary tip. From this cone positively charged micrometer-

sized droplets are emitted forming a jet. This is followed by an increase in coulombic repulsion due to 

droplet shrinkage from evaporation. At the Raleigh limit coulombic repulsion matches the surface tension 

of the droplet causing the droplet to undergo jet fission[67]. This cycle continues until desolvated ions are 

produced. Modern mass spectrometers offer the possibility of aiding desolvation by introduction of one or 

more flows of gas of which some may be heated. Commonly, there is a flow of gas exiting in a ring around 

the electrospray capillary, referred to as nebulizing gas, in addition to a counter current flow of gas from 

the mass spectrometer, commonly referred to as curtain gas or dry gas. 
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Figure 6 Illustration of an ESI source. A flow of solvent exits the ESI capillary and forms a Taylor cone from which small, charged 

droplets are emitted. The droplets undergo jet fission caused by increasing coulombic repulsion as solvent evaporates from the 

droplet. This process continues until desolvated ions are produced. Desolvation is helped by a countercurrent dry gas from the 

mouth of the mass spectrometer. 

The current understanding of the last desolvation step of ions through ESI points to three different 

mechanisms according to the size and structure of the ions. For small inorganic ions and low molecular 

weight ions including small peptides the final desolvation step is thought to occur via the “ion evaporation 

model” (IEM)[68]. In this model the ion localizes to the droplet surface and is eventually ejected by the 

electrical field surrounding the highly charged droplet. After ejection only very few solvent molecules cluster 

to the ion, these are lost due to subsequent collisions with background gas (See Figure 7A)[69]. In a different 

regime, the desolvation of large globular analytes (e.g. folded proteins) is believed to occur via the “charged 

residue model” (CRM). Here, nanodroplets shrink by evaporation and shed smaller ions through the IEM 

mechanism until the nanodroplet contain a single protein. Then, as the final solvation shell evaporates 

away, remaining charges from the solvent is transferred to the global protein leaving the desolvated protein 

in its native conformation (See Figure 7B)[70]. The final mechanism of desolvation, termed “chain ejection 

model” (CEM), describes desolvation of large, unfolded polymer chains (denatured proteins)[70, 71]. The 

unfolding of a protein exposes its hydrophobic core to the solvent, which is disfavored, thus directing the 

polypeptide chain to the droplet surface where solvation can be minimized. At the surface, one terminal is 

ejected into the gas-phase followed by a sequential expulsion of the remaining residues while picking up 
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charges from the solvent as the polypeptide chain extends away from the droplet (See Figure 7C). The ESI 

process in positive mode and non-native conditions is helped by the presence of organic solvents and volatile 

acids by increasing evaporation and protonation of analytes, respectively. 

 

Figure 7 Illustration of A) the ion evaporation model (IEM), B) the charged residue model (CRM), and C) the chain ejection 

model (CEM) which govern the desolvation of smaller peptides, native globular proteins, and unfolded polypeptides/proteins, 

respectively. Solvent is drawn in blue, and polypeptides are drawn in red. 

The ESI process results in multiply charged ions of generally low internal energy often referred to as “cold” 

ions. The low internal energy distribution is important for the analysis of some metabolites and post-

translational modifications (PTMs) which may otherwise be lost due to activation[72-74]. In addition, the 

low internal energy of ions produced during ESI prevent proton migration, which in turn makes it possible 

to use gas-phase fragmentation to sub-localize solution-phase deuterium labeling patterns[52, 75, 76]. However, 

while the internal energy may be low upon initial desolvation, the desolvated ion is susceptible to significant 

internal heating if one is not careful[77]. This will be described in the next section. 

1.3.2 Gas-phase transport during mass spectrometry 

While ESI can produce cold ions the subsequent gas-phase transport from the source atmospheric region 

to the mass analyzer can impart a significant buildup of internal energy in the analyte ions. This energy is 

enough to cause intramolecular proton migration which for deuterium labeled analytes result in 

randomization of the isotopic labeling[76-83]. Therefore, ions of low internal energy is a requirement for the 

localization of in-solution labeling patterns by gas-phase fragmentation. Differences in instrument design 

can have a large impact on the amount of energy that is imparted on the analyte ions as they are 

transported in the gas-phase. Therefore, to contextualize the manuscripts that are included in this thesis 
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this section will include some considerations on mass spectrometer design with a focus on gas-phase ion 

internal energy.  

Mass spectrometric parameters for the analysis of peptides and proteins are often tuned with a focus on 

optimizing transmission efficiency, and rightfully so. Since biological samples are generally of complex 

nature, sensitivity is of the utmost importance for many practitioners. This focus on transmission efficiency, 

however, often produces quite harsh conditions which increase the internal energy of the desolvated ions[79, 

84-86]. Therefore, when analyzing systems which are sensitive to internal heating, it is often necessary to 

tune the instrument to milder conditions while compromising on transmission[72-74, 77]. As mentioned 

previously, while describing the stages of ion vacuum transport there will be a focus on the general design 

elements used in the Lumos and maXis II mass spectrometers, since these were used in this project. 

The atmospheric pressure ion source and the intermediate pressure region of the mass spectrometer is 

commonly separated by a capillary which may be directly heated or indirectly heated by virtue of heated 

gas from the ion source. The Lumos has a directly heated metal capillary, while the maXis II has a metal 

coated glass capillary which is indirectly heated. On the maXis II the capillary channel has a traditional 

circular shape with a small inner diameter <1 mm, while the Lumos has a relatively large letterbox shaped 

capillary which is 1.6x0.58 mm (H x W). The larger inlet area of the letterbox shape allows a higher flux 

into the mass spectrometer while the narrow width preserves desolvation efficiency. As the stream of ions 

and charged droplets enter the intermediate pressure stage, where the pressure is in the millibar range, it 

undergoes supersonic radial expansion[87-89]. This process is associated with a decrease in internal energy[89]. 

In order to capture this rather chaotic jet of charged droplets and ions, mass spectrometers often have a 

variation of a stacked ring ion guide shaped as a funnel (an ion funnel) in the first vacuum stage[87, 88]. In 

an ion funnel, ions are simultaneously transported in the axial direction using a (static) direct current (DC) 

gradient and focused in the radial direction by two (dynamic) radio frequency (RF) potentials which are 

180 degrees out of phase and applied to the stacked rinds in an alternating pattern[87]. The implementation 

of ion funnels greatly improved ion transmission over previous technologies since correct implementation 

allow the entire expanding jet of ions to be captured and focused[87, 88]. Here, it is important to note that 

since the RF field serve to repel ions, it can potentially block ions from exiting the funnel if the RF field 

grows too strong in the exit region[88]. This can cause a buildup of ions in the funnel, effectively creating a 

cloud of like-charged ions which expand towards the funnel walls, where interactions with the strong electric 

field and neutral gas can cause increased collisional activation of the ions before they can exit the funnel. 

Nevertheless, general acceleration of ions in a properly balanced ion funnel also cause ion activation due to 
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collisions with neutral gas[89]. Both the Lumos and the maXis II use ion funnels in the intermediate pressure 

stage. 

When the incoming ions have been focused to a narrow ion-beam they can be transported using multipole 

ion guides through one or more vacuum stages, into the high vacuum stage at pressures typically below 

3·10-5 bar. Here, the incoming ions can be filtered based on their m/z ratio using a quadrupole. In a 

quadrupole, four electrode rods are placed in parallel forming a square, using a combination of RF and DC 

voltages, an oscillating field is generated which manipulate the trajectory of the incoming ions based on 

their m/z ratio. Depending on the applied RF field some m/z ratios will exhibit unstable trajectories 

resulting in discharge on the rods while those ratios which exhibit stable trajectories will pass through the 

quadrupole. The window of m/z ratios which form stable trajectories can be modulated to allow a broad 

range to pass through the quadrupole, effectively making the quadrupole a simple ion guide. On the 

contrary, the RF field can also be tuned to allow only a very narrow range of m/z ratios to pass through, 

in which case the quadrupole is acting like a filter. When the intact mass of incoming ions is needed, the 

quadrupole is used as a simple ion guide. However, during tandem MS the quadrupole is used as a filter 

and the ions with stable trajectories are fragmented in a later stage of the mass spectrometer. 

1.3.3 Mass analysis and detection 

The last stage of MS analysis is separation based on m/z and subsequent detection. In the present project 

two different mass analyzers were used. The Lumos uses an orbitrap and the maXis II has a time-of-flight 

(TOF) analyzer. The orbitrap contains an outer barrel-shaped electrode and an inner spindle-shaped 

electrode[90]. Before ions are injected into the orbitrap for mass analysis and detection they are subjected 

to collisional cooling in the C-trap. This is necessary to narrow the kinetic energy distribution of the ions 

before they can assume a stable orbit once they are injected into the orbitrap. In positive-mode MS the 

orbitrap spindle carries a negative potential and vice versa resulting in an attractive radial potential which 

makes the incoming ions orbit the spindle. The radial potential is accompanied by an axial potential which 

make the ions oscillate along the spindle axis in a m/z dependent manner. The ion motion induces currents 

in the outer electrode which can be processed into mass spectra using Fourier transformation[90].  

The TOF mass analyzer employed in the maXis II uses a reflectron to correct for small differences in initial 

ion velocity which ultimately increases the resolution or the final spectrum. For simplicity the principle of 

a TOF analyzer will be described by way of the example of the simplest TOF configuration, i.e. the linear 

TOF[65]. The linear TOF consists of an accelerating electric field which accelerate ion packages into a field-

free region where there is a detector at the end.  
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The ions are accelerated according to the potential of the electric field (U) and their charge (z), such that 

the potential energy (Epot) of an ion is 

After acceleration, ions are allowed to drift at a constant velocity according to their initial kinetic energy, 

assuming that all the potential energy is converted into kinetic energy (Ekin), which can be given by 

Equation 9, where m is the ion mass and v is the ion velocity 

 
Ekin=

1

2
∙m∙v2 Equation 9 

The conversion of potential energy to kinetic energy in a high-vacuum is assumed to occur with negligible 

loss, such that 

 Ekin=Epot Equation 10 

Since the drift distance (d) is known and the drift time (t) can be measured (time from acceleration until 

detection), the ion velocity can be calculated according to Equation 11 

 
v=

d

t
  Equation 11 

By substitution we get 

 
z∙U=

1

2
∙m∙ (

d

t
)

2

 Equation 12 

By rearrangement we can elute to an equation which describe the ions using their m/z ratio based on 

values which can be known from the system 

 𝑚

𝑧
= (

2 ∙ 𝑈

𝑑2
) ∙ 𝑡2 Equation 13 

One advantage of the orbitrap over the TOF detector is the ability to detect the same ion several times, 

while a single ion is only detected once in the TOF before it is destroyed. This makes it possible to record 

spectra with resolutions several times higher than what is possible with the TOF mass analyzer of the 

maXis II. However, increasing the m/z resolution in the orbitrap comes at a cost to time resolution as it 

takes longer to scan ions many times. 

1.3.4 Gas-phase fragmentation 

As mentioned in the previous section, mass spectrometers can isolate a narrow m/z range from the incoming 

ion stream and fragment the isolated ions before detection. This process is collectively referred to as tandem 

MS and the fragments resulting from peptides and proteins are often used to deduce their primary structure. 

This strategy of isolating and producing fragments of precursor ions is not limited to one round of 

 Epot=z∙U Equation 8 
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fragmentation, thus the initial fragmentation round is referred to as MS/MS (or MS2). The gas-phase 

fragmentation can be brought on by several means resulting in a variety of product ions. A useful set of 

ions which can be used to deduce the sequence of the parent ion are ions resulting from a single cleavage 

of the polypeptide backbone. The rather intuitive nomenclature for these ions is presented in Figure 8. 

Thus, ions containing the N-terminal are named a-, b-, and c-ions, while those containing the C-terminal 

are named x-, y-, and z-ions. The ions are numbered based on the number of residue sidechains they contain 

and two backbone fragment-ions originating from the same cleavage site are called an ion-pair (e.g. a and 

x, b and y). The type of ions that are produced depend on the fragmentation technique. In the following 

sections the three fragmentation techniques used in this project will be described, namely collision-induced 

dissociation (CID), electron transfer dissociation (ETD), and ultraviolet photodissociation (UVPD). 

 

Figure 8 Roepstorff-Fohlman-Biemann nomenclature for backbone fragment ions of polypeptides observed in tandem MS[91, 92]. 

Ion-types resulting from sidechain cleavages have been omitted from this schematic. 

1.3.4.1 Collision-induced dissociation (CID) 

In CID analyte ions are fragmented by colliding them with inert gas molecules (typically He, N2, or Ar)[93]. 

In this way the kinetic energy of the analyte ions is converted into vibrational energy which is then 

redistributed throughout the analyte ion over the course of a microsecond or more. This is often referred 

to as intermolecular vibrational energy redistribution (IVR)[93-95]. This vibrational excitation ultimately 

causes the ion to dissociate at the weakest bonds. Thus, dissociation of polypeptide ions in CID is induced 

by a slow heating of the molecule during which dozens or hundreds of eV is absorbed. There are several 

ways of applying CID depending on the mass spectrometer. For example, resonance-type CID use relatively 

low-energy collisions to induce dissociation whereas collisions in beam-type CID are higher-energy resulting 

in more rapid activation and dissociation in the latter[94]. According to the prevailing model for 

understanding dissociation of protonated peptides in CID, namely the mobile proton model[96, 97], the 

underlying mechanism is the mobilization of excess protons. In short, this model states that vibrational 

excitation cause protons to mobilize and migrate to the backbone heteroatoms where they induce cleavage 

at the peptide bonds resulting in b and y ions (See Figure 8)[96, 97]. It is also possible to observe a-type ions 
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at higher activation energies[93]. In addition to backbone fragmentation the loss of labile PTMs such as 

glycosylation, sulfation, phosphorylation and carboxylation is also common during CID[98]. 

1.3.4.2 Electron-based dissociation 

Two electron-based dissociation techniques exist for fragmentation of multiply charged polypeptide cations, 

namely electron capture dissociation (ECD) and electron transfer dissociation (ETD). The main difference 

between the two techniques is the way in which the electron is made to react with a peptide or protein ion. 

In ECD a free electron is captured by the analyte ion, while in ETD the electron is transferred to the 

analyte ion from an electron-donor reagent ion[99, 100]. Several mechanisms have been proposed for the 

generation of fragment-ions in ECD[101-103]. Two popular mechanisms are the “Cornell” and “Utah-

Washington” mechanisms. While both mechanisms start with a carbonyl group which is forming an 

intramolecular hydrogen-bond to a positively charged site, the Cornell mechanism assumes electron capture 

at the positive site (most often a lysine side chain) while the “Utah-Washington” mechanism assumes 

electron capture at the amide carbonyl group[104]. The subsequent proton transfer reactions predominantly 

result in fragmentation at the N-C(α) bond which in turn produce c- and z-ions (See Figure 8). These and 

more alternative fragmentation pathways of electron-based dissociation are discussed in more detail 

elsewhere[104]. While the fragmentation reactions and resulting fragment-ions are largely comparable 

between ECD and ETD, the method of electron delivery may shift the equilibrium between available 

reaction pathways[104]. Furthermore, the presence of the radical anion used for electron transfer in ETD 

makes proton transfer from the analyte to the radical anion a possibility. Since fragmentation efficiency is 

positively correlated with charge density and multiply charged cations are required to produce charge, 

carrying products this effectively puts a practical lower size limit on the peptides which can be sequenced 

using ECD or ETD[100, 105]. The energy released by the capture of an electron in ECD is ≈6 eV[106], which 

is significantly higher than the peptide bond energies which are in the range of 3-4 eV[107]. Thus, a single 

electron is sufficient to cause rapid dissociation. In fact, electron based fragmentation completes on a 

picosecond timescale and is therefore very fast compared to CID[94]. In addition, in ECD and ETD only a 

few eV of energy is deposited into the analyte ion as heat[108]. Consequently, labile PTMs are kept intact 

during fragmentation and c- and z-fragments are known to stick together noncovalently in a process termed 

ETnoD[109-111].  
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1.3.4.3 Ultraviolet photodissociation (UVPD) 

To cause photodissociation in the vacuum of a mass spectrometer, analyte ions are activated by absorption 

of photons. The source of photons is typically a laser and while both infrared and ultraviolet photons can 

cause dissociation, the two methods are distinct owing to the difference in energy which can be imparted 

by an infrared photon and an ultraviolet photon[112]. It requires multiple infrared photon absorptions to 

cause fragmentation of the peptide backbone, hence the name infrared multiphoton dissociation 

(IRMPD)[107, 112]. Therefore, IRMPD resembles a slow heating activation like CID. Absorption of a single 

ultraviolet photon on the other hand, impart enough energy to cause dissociation of the peptide backbone[107, 

112]. In the present synopsis only UVPD will be described in further detail. Several wavelengths in the UV 

region have been used to fragment polypeptide ions targeting different chemical groups including 

wavelengths ≥266 nm, 213 nm, 193 nm, and 157 nm[107, 112, 113]. Wavelengths >266 nm require specific 

chromophore tags to induce fragmentation and 266 nm primarily targets the aromatic sidechains of Tyr 

and Trp[107, 114, 115]. At shorter wavelengths it is possible to excite the peptide backbone. Figure 9 shows 

the absorption spectrum of polyalanine in the range from 240 to 130 nm which includes three distinct 

absorption peaks at 195 nm, 170 nm, and 130 nm.  

 

Figure 9 Absorption spectrum of polyalanine in the ultraviolet range recorded in vacuo. The figure was modified from[107]. 

Irradiation of polypeptides with 213 nm, 193 nm, and 157 nm photons all produce backbone fragments[78, 

116-118]. The absorption of 213 nm photons is associated with n to π* electronic transition of the nonbonding 

electrons of carbonyl oxygen while the 193 nm photons are associated with π to π* electronic transition of 

the amide group[113, 119]. While UVPD of peptides at 193 nm and 157 nm is relatively well researched[107, 

112, 113], the application of peptide fragmentation at 213 nm is a more recent development[113]. However, in 

2017 the first fully integrated commercial implementation of UVPD-MS at 213 nm became available and 

several reports using this wavelength has now emerged[113, 118, 120, 121]. This instrumentation is also used in 

Manuscript II of this synopsis. The energies of UV photons at wavelengths which are absorbed by the 
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polypeptide backbone all exceed the energy of peptide bonds, which are in the range 3-4 eV, with energies 

of 5.8 eV, 6.4 eV, and 7.9 eV respectively for 213 nm, 193 nm and 157 nm photons[107]. Consequently, fast 

dissociation is possible through direct dissociation pathways which complete without internal conversion[78]. 

However, there is also several reports which support dissociation by pathways which involve internal 

heating[114, 122-124]. These pathways produce a large variety of backbone fragments including a-, b-, c-, x-, 

y-, and z-ion types which are all present for wavelengths of 213 nm, 193 nm, and 157 nm[78, 107, 125]. Sidechain 

cleavages (producing d-, v-, and w-ion types) are also present but more abundant for the higher energy 

wavelengths of 193 nm and 157 nm than for 213 nm[125-128]. The fragment ions resulting from UVPD may 

be a mixture of -2, -1, +1, and +2 Da versions[107, 118, 125], which require extra attention during analysis of 

HDX-MS data if UVPD is used to sub-localize deuteration[118]. 
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1.4 Hydrogen/deuterium exchange coupled to mass spectrometry 

HDX experiments monitored by MS often follow the bottom-up approach (or “local HDX-MS”) in which 

the exchange reaction is quenched at specific timepoints followed by proteolytic digestion, desalting, 

separation by liquid chromatography (LC), and detection by MS[39, 40]. Thus, HDX can be quantified for 

each peptide fragment generated during digestion. Alternatively, if proteolytic digestion is bypassed HDX 

can be characterized for the intact protein (also termed “global HDX-MS”). Since HDX detection by MS 

relies on measuring the mass of discrete molecules, proteins must be fragmented to sub-localize labeling 

within the protein. This is important for the understanding of protein dynamics since conformational 

changes are themselves localized. In addition to the common proteolytic digestion, proteins and peptides 

can be fragmented in the gas-phase inside the mass spectrometer (See Figure 10).  

 

Figure 10. Illustration of different in-solution exchange-in HDX-MS experimental workflows. The black wobbly line represents a 

protein with backbone amides occupied by either hydrogen (blue letter “H”) or deuterium (red letter “D”). H/D exchange is initiated 

by dilution into deuterated buffer, at specific timepoints the exchange is quenched (t1-t4) by adjusting pH and temperature. The 

intact protein may be taken by the top-down MS/MS route or continue through digestion and desalting to LC-MS and optionally 

bottom-up MS/MS. The MS data is used to extract average masses which, when compared to a non-deuterated control (t0), yield 

the deuterium content.  
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In practice, labeling can be done in both directions i.e., introducing a hydrogen-labeled protein to excess 

D2O (referred to as “exchange-in”) or vice versa (referred to as “exchange-out”). The latter is less prevalent, 

likely due to the added complexity of first fully labeling the protein of interest with deuterium, which more 

than likely require denaturing conditions, and then showing that the protein can be refolded to its 

functional native conformation. Unless otherwise stated the following text will assume exchange-in 

conditions. During exchange, the fraction of deuterium in the buffer should be as high as possible (ideally 

≥0.90) to facilitate more deuterium incorporation as this increases the signal-to-noise (S/N) ratio[43]. 

Labeling can be done continuously or in pulses (See Figure 11). In a pulsed labeling experiment the protein 

is first incubated at exchange conditions but in the absence of deuterium, then incubated in deuterated 

buffer for a short time. Pulsed labeling is useful when the protein exhibits structural transitions as a 

function of time, for instance in the study of global protein folding/unfolding, precipitation, or 

oligomerization[10, 43]. 

 

Figure 11. Illustration of continuous and pulsed labeling strategies. 

After exchange, the reaction must be quenched by cooling and acidification (0°C, pH 2.5) to limit the loss 

of backbone labeling (back-exchange) until measurement can take place. Quench conditions should also 

ensure complete unfolding of the protein to avoid any impact on back-exchange due to higher-order 

structure as well as to achieve more efficient digestion[129]. The level of back-exchange will depend on 

analysis time as well as several other factors, as discussed previously. Furthermore, since the level of back-

exchange will depend on the primary structure of the analytes peptides of varying sequence will exhibit 

varying degrees of back-exchange. Therefore, if the absolute amount of deuteration at the time of quench 

must be known, a fully deuterated control must be made to correct for back-exchange. The fully labeled 

control is then subjected to the same analysis flow as the real measurement, except it is immediately 

quenched to quantify the loss of labeling that occur from the moment of quench. A fully labeled control is 

preferably done by incubating the protein for an extended time (e.g. 12-24 h) at room temperature and 

low pH (between pH 2.5 and 4) at denaturing conditions[43]. If the protein contain disulfide bonds, the 

quench solution can be formulated with the reducing agent tris(2-carboxyethyl)phosphine (TCEP) which 

retain some reactivity at quench conditions[130]. The pHmin of the hydrogen exchange reaction can be shifted 

to a slightly higher pH by using urea as a denaturant (pHmin ~3 in 4 M urea) instead of guanidinium, thus 

providing an opportunity of increasing the efficiency of TCEP reduction while maintaining optimal quench 
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conditions[131, 132]. Alternatively, electrochemical reduction of disulfide bonds has shown promise in tackling 

proteins which are resistant to conventional chemical reduction[133, 134]. 

Once the protein sample has been quenched it can be fragmented using an acid stable protease with pH 

optimum close to pH 2.5. This can be done in-solution (offline) or by using a protease column coupled to 

the LC-system (online)[129]. Online digestion is generally preferred since it allows for faster digestion and 

because interference from in-solution protease can be avoided[129]. While a quench temperature close to the 

freezing point of water is generally preferred to minimize back-exchange, digestion efficiency can be 

improved by increasing the temperature of the protease column[129]. The protease of choice for HDX 

experiments has historically been pepsin[31, 32]. However, more recently several other acid stable proteases 

have been tested for suitability in HDX-MS experiments[135-140]. The wider selection of proteases for HDX-

MS allows for the flexibility of matching protease specificity and target to achieve higher sequence 

coverage[141]. In addition, mixed bed protease columns have the potential to increase the spatial resolution 

of HDX-MS by improving sequence redundancy[142, 143].  

An example of a LC configuration with automated switching valves, which can be used for analysis of 

solution-phase HDX samples using bottom-up HDX-MS, is illustrated in Figure 12. An LC-MS analysis of 

quenched samples from HDX require solvent pH to closely match pHmin of the exchange reaction (pH 2.5) 

by addition of a volatile acid (e.g. formic acid). Once the sample is loaded into the temperature controlled 

(0 °C) LC system (Figure 12A) a loading pump will bring the sample across a protease column and load it 

onto a reversed phase (RP) trap column by infusion of aqueous mobile phase (Figure 12B). The flow rate 

can be modulated to adjust digestion time and the RP trap functions to increase the concentration of the 

protein fragments as well as letting salt and other small hydrophilic components from the quench solution 

pass through to waste. The protease column may be in a temperature zone separate from the rest of the 

LC system to modulate digestion efficiency by way of temperature adjustment[129]. In the last step the 

proteolytic fragments are eluted onto the RP analytical column by a gradient flow of an organic mobile 

phase (typically acidified acetonitrile) for separation prior to online detection by MS. Chromatographic 

time in HDX-MS is usually kept short (<15 mins) in order to minimize back-exchange[43]. However, back-

exchange decreases with the addition of organic solvent[51]. Consequently, shortening the gradient has 

limited effects on back-exchange while it may hurt the quality of data[50]. Instead, increasing flow rate has 

been shown to be more effective at reducing back-exchange[50]. In pursuit of further lowering back-exchange 

recent developments has made a push for lower temperature during the chromatographic separation step 

by suppressing the freezing point by addition of solvent modifiers (methanol and ethylene glycol) to the 

mobile phase[144]. The same strategy of subzero Celsius LC has also been used to extent separation time 
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without sacrificing deuterium recovery[145]. To mitigate the decreased separation performance of low 

temperature, short gradients, and/or small column size modern HDX-MS make use of ultra-performance 

LC (UPLC)[146, 147].  

 

Figure 12. An example of an LC plumbing setup for HDX-MS with online proteolytic fragmentation. The valves, tubing, and 

columns are temperature controlled to ensure low and consistent back-exchange. The colored circles represent automated switching 

valves which are used to control the flow path. The protease column may be in a separate temperature-controlled zone to allow 

individual adjustment of digestion temperature. 

The last step of the HDX-MS experiment is detection by MS. While both MALDI and ESI can be used, 

ESI is often preferred because it can be coupled directly to LC. A consideration of particular importance 

when performing ESI in an HDX-MS context is the temperature range used during evaporation in the ion 

source, since high temperatures may cause an increase in back-exchange. In a study by Walters et al. it 

was shown that desolvation gas temperatures higher than 200 °C caused an increase in back-exchange by 

4-8%, while temperatures below 100 °C caused insufficient desolvation[50]. In a typical bottom-up HDX-MS 

experiment, labeled runs are preceded by an unlabeled identification run. In the identification run the 

protein sample is diluted in a hydrogenated version of the exchange buffer, immediately quenched, and 

then subjected conditions identical to the labeled run, except in the identification run the proteolytic 

fragments are subjected to fragmentation by CID in the mass spectrometer. Each peptide can then be 

identified by searching its intact mass and gas-phase fragmentation pattern against a theoretical digest of 

the intact protein sequence. Once the intact peptide mass has been associated with a sequence and retention 
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time, the corresponding deuterated peptides in subsequent runs can be identified based on these features 

without the use of gas-phase fragmentation.  

1.4.1 Data analysis 

A spectrum resulting from a MS scan of ions hitting the detector has the ion m/z ratio along the x-axis 

and the intensity corresponding to the number of times a particular m/z ratio was detected on the y-axis. 

Since each peptide ion will be resolved into its isotopic peak distribution, the charge state (n) of a peptide 

ion can be calculated from the mass spectrum[148]. This can be done by dividing the spectral distance 

between two adjacent isotopic peaks by the mass of a proton (mH) (since the proton carries the charge), 

such that 

 n=
mH

|(
m
z )

i+1
- (

m
z )

i
|
 

Equation 14 

where i and i+1 are two adjacent isotopic peaks originating from the same compound. Then, the mass of 

an isotopic peak (mi) can be calculated from its m/z ratio, according to Equation 15. 

 mi=n∙ (
m

z
)

i
-n∙mH Equation 15 

The average mass of a compound is calculated by taking the average mass of all the isotopic peaks weighted 

by their intensities. This means that for an isotopic peak distribution containing n peaks the average mass 

(M) can be found using Equation 16[149]. 

 
M=

∑ Ii∙mi
n
i=1

∑ Ii
n
i=1

 Equation 16 

However, each peak in a mass spectrum is not resolved to a single vertical line, for this reason peaks have 

some width to them. Consequently, following the same logic as for an isotopic peak distribution, Equation 

16 can also be used to calculate an average (a centroid) of individual peaks which is more accurate than 

using the mass of the peak maximum.  

In the case of intact proteins, where individual isotopic peaks are usually not resolved, the average mass 

(M) can be estimated from two peaks resulting from two different charge states of the same compound 

where the relative difference in charge is known 

 M=ni∙ (
m

z
)

i
-ni∙mH=(ni+(i-j))· (

m

z
)

j
-(ni+(i-j))·mH Equation 17 

In this case i and j are two spectral peaks representing two different charge states for the same compound 

and the relative difference in charge between the two peaks is given by the term (i-j). ni is the charge state 
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of peak i. However, a more accurate protein mass determination takes all available charge states into 

account and current mass determination rely on automated algorithms to deconvolute mass spectra[150, 151]. 

In HDX-MS the deuteration of each peptide for a given exchange duration is calculated as the difference 

between the average mass of the isotopic envelope in the deuterated and the non-deuterated state. The 

average mass of both can be calculated using Equation 16. However, even for small systems this task 

involves a staggering number of calculations. Consequently, the process of peak selection and calculation 

of deuterium content has been automated using software, for example HDExaminer (Sierra Analytics, 

Modesto CA). 

As mentioned in the previous section, the back-exchange of an experimental setup can be measured using 

a fully deuterated control. In practice, the back-exchange can be calculated for a given measured peptide 

or protein using Equation 18[43]. 

 
"Back-exchange"= (1-

M100%-M0%

N∙Dfrac
) ∙100 Equation 18 

Here M100% is the measured average mass of the fully labeled control, M0% is the average mass of the non-

deuterated control, N is the number of backbone amides, and Dfrac is the relative content of D/H in the 

exchange buffer, i.e. 0.9 for 90% deuterium. If the back-exchange has been measured for a specific analyte, 

the exchange can be corrected to account for the amount of back-exchange to produce the absolute amount 

of exchange (Dcorr) according to Equation 19[43]. 

 
Dcorr=

M-M0%

M100%-M0%
 Equation 19 

1.4.2 Gas-phase fragmentation to increase the spatial resolution of HDX-MS 

The classical strategy for obtaining local exchange kinetics in HDX-MS is the bottom-up approach in which 

the resolution is limited to the length of proteolytic fragments, often by peptic digestion, which provide a 

resolution of 7-15 residues[84]. As mentioned in the previous section, the resolution can be improved by the 

use of multiple proteases[142, 143, 152]. In addition, computational methods have been developed to extrapolate 

deuteration for overlapping segments of peptide fragments based on their mass centroids[57, 153-155]. However, 

as back-exchange is sequence specific and can vary wildly, especially for the terminal most residues as 

discussed Section 1.2.1, one should take great care to know the limitation of the specific computational 

strategy. To improve upon the accuracy of computationally enhanced HDX-MS resolution Kan et al. 

expanded this approach to include the entire isotopic envelope[156]. Briefly, this allows determination of the 

extent to which the labile sites of a peptide are uniformly or regio-selectively deuterated. This was combined 

with site-resolved back-exchange correction based on known exchange rates for unstructured peptide 
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segments to produce highly corrected data[156]. However, this approach requires many overlapping peptide 

segments which may not be feasible for all proteins as some are more difficult to digest than others[141, 157]. 

In addition, an increasing number of peptides eluting in a single chromatographic gradient puts a higher 

demand on chromatographic resolution to minimize overlapping peptides. To this end, chromatographic 

optimizations are subject to the requirements dictated by back-exchange minimization as discussed in 

Section 0[50, 145]. An alternative approach for sub-localizing deuterium uptake is the use of gas-phase 

fragmentation as illustrated in Figure 10. In this case, calculation of deuteration within peptides becomes 

rather more straight forward since reliance on overlapping peptide segments to obtain high-resolution 

exchange kinetics can be circumvented[84]. However, the use of gas-phase fragmentation to sub-localize 

deuterium labeling present a set of challenges on its own. Namely, the energetics of the mass spectrometer 

must allow for the preservation of the incorporated deuterium labeling, from the protein structural state 

that is being examined, up to the point of tandem MS product-ion separation. Yet, this is not trivial for 

protonated peptides as internal conversion of energy imparted by collisions during transport in the ion-

source or the imperfect vacuum of the mass spectrometer can mobilize protons which in turn cause the 

H/D labeling pattern to randomize. It is also vital to consider the mechanism of the fragmentation 

technique as ion activation can lead to H/D scrambling. Although CID was initially used in efforts to sub-

localize deuterium from labeling experiments[158-161], this was later proven problematic as CID was shown 

to induce H/D migration in both b- and y-fragment ions[162-164]. As described by the mobile proton model, 

proton migration is inherent to the CID mechanism, thus as it relates to H/D scrambling it is reasonable 

to assume that extensive proton migration following IVR should also result in H/D scrambling. To this 

end, Hoerner et al.[165] related the time before dissociation onset to the extent of scrambling, and showed 

that dissociation by the relatively slower sustained off resonance irradiation (SORI) technique correlated 

with higher scrambling than the relatively faster activation of nozzle-skimmer CID[94, 165]. Thus, 

fragmentation techniques which rely on slow heating should be avoided in HDX-MS/MS[84]. This contrasts 

with the electron-based dissociation techniques which completes on a much shorter timescale and arguably 

with very limited energy available for IVR[100, 108]. To this end, both ECD and ETD has been shown to 

preserve the H/D labeling pattern of the precursor ion[75, 79]. In addition, MALDI in-source decay which 

completes in <10 ns has also been shown to occur without scrambling[166]. More recently, Mistarz et al. 

demonstrated that a-, x-, c-, and z-ions stemming from UVPD at 213 nm were produced with virtually no 

scrambling[78]. As alluded to in Section 1.3, H/D scrambling can occur from the moment of desolvation. 

This means, that careful characterization and optimization of mass spectrometer parameters up until the 

onset of fragmentation is necessary to ensure that minimal H/D scrambling is present in the recorded data.  
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To tune an instrument for low H/D scrambling the ability to quantify the occurrence of intramolecular 

gas-phase H/D migration with high sensitivity is necessary. To this end a collection of synthetic peptides 

which utilize fast and slow chemical exchange rates to enable regio-selective labeling has been developed[52, 

75]. The most utilized of these peptides is “peptide P1” which has the sequence 1HHHHHHIIKIIK12[52]. A 

regioselective labeling of peptide P1 is easily produced. First P1 is fully labeled in deuterium oxide. Then, 

when diluting the peptide stock into protic solvent at quench conditions, rapid back-exchange of the 

backbone amides in the histidine repeats will occur. However, exchange of the C-terminal amides (-IIKIIK) 

is attenuated approximately three orders of magnitude in comparison due to the bulky side chains of 

isoleucine[52, 167]. This leaves enough time to infuse peptide P1 directly into the mass spectrometer via a 

cooled syringe while it is in the regio-selectively labeled state. Thus, if there is no scrambling prior to 

fragmentation, the N-terminal fragment ions will have a degree of deuteration corresponding to the 

concentration of deuterium in the infused solution due to exchange equilibration. However, if scrambling 

occurs before dissociation some of the C-terminal deuterium will migrate to the N-terminal resulting in a 

corresponding shift in average mass of the resulting fragment-ions. This allows not only detection but also 

a measure of the extent of H/D scrambling between regio-selectivity (0% scrambling) and complete 

randomization of the H/D labeling (100% scrambling) by modelling these states[75]. The models for relative 

quantification of H/D scrambling in peptide P1 are also described in Manuscript I and a more detailed 

review is therefore excluded from this text.  

When deuterating peptide P1 it is essential to avoid prolonged labeling at elevated temperatures and 

neutral pH, as this will eventually result in labeling of the C-2 position of the imidazole ring of the histidine 

side chain[84, 168, 169]. Since the histidine repeat is expected to be almost devoid of deuterium if no scrambling 

is present, labeling of the histidine side chain will give a false impression of elevated scrambling.  

In addition to the method described above, it has been demonstrated that ammonia elimination during 

ETD can be used as an internal probe for H/D scrambling. This method relies on determining the deuterium 

loss due to elimination of ammonia from the N-terminus and lysine side chains of the charge reduced 

precursor ion during ETD. This principle works because both the N-terminal and lysine side chain should 

be in exchange equilibrium with the LC solvent due to fast back-exchange and thus should carry very little 

deuterium under low scrambling conditions. However, upon H/D scrambling deuterium can migrate from 

the backbone to these sites, thereby increasing the deuterium loss due to NH3 elimination[80]. An example 

of this has been described in the supplemental material of Manuscript I. 



Daniel T. W. Wollenberg  Research objectives 

Page | 29 

2 Research objectives 
Hydrogen/deuterium exchange monitored by mass spectrometry (HDX-MS) has proven its merit as a 

capable and straight forward technique for gaining insights into the dynamic structure of proteins. However, 

as is the nature of technologies the strive for a fuller representation of the systems under study is never 

final and HDX-MS still has some intrinsic challenges to be overcome. Since conformational changes can 

influence amide hydrogen bonding on a single amide level, measuring single amide uptake kinetics is 

necessary to gain a fundamental understanding of protein dynamics. In addition, single residue resolution 

HDX is particularly useful when evaluating difference in the structural dynamics of sequence variants, for 

example in the development of novel enzymes for industrial purposes. In HDX-MS the ability to localize 

deuteration to individual residues is limited by the ability to generate unique fragments of the intact 

protein. This is traditionally done by peptic digestion, thus limiting the resolution by the size (~7-15 

residues) and number of peptic fragments. Even with the ability to extrapolate deuteration levels from 

overlapping peptide segments results may be highly variable depending on digest efficiency. Therefore, 

single residue uptake kinetics has been pursued using gas-phase fragmentation to fragment intact proteins 

as well as peptides. While this strategy shows promise, it is challenged by the risk of intramolecular 

hydrogen scrambling by way of thermal activation in the gas-phase prior to fragmentation or during the 

fragmentation process itself.  

The aim of this PhD project is to further our understanding of hydrogen scrambling and utilize these 

learnings to improve upon the HDX-MS/MS methodology. Therefore, we investigated how an optimum 

between low hydrogen scrambling and transmission efficiency can be found at minimal cost to transmission 

efficiency. We have also investigated the first commercially available implementation of ultraviolet 

photodissociation (UVPD) in a mass spectrometer marketed for proteins and peptides for its ability to 

produce fragment ions devout of hydrogen scrambling. 
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3 Results 
3.1 Manuscript I: Avoiding H/D Scrambling with Minimal Ion Transmission Loss for HDX-MS/MS-ETD 

Analysis on a High-Resolution Q-TOF Mass Spectrometer 

Daniel T. Weltz Wollenberg, Stuart Pengelley, Jeppe Christian Mouritsen, Detlev Suckau, Christian Isak 

Jørgensen, and Thomas J. D. Jørgensen 

Analytical Chemistry 2020 92 (11), 7453-7461 

DOI: 10.1021/acs.analchem.9b05208 

In this paper the high-resolution Q-TOF mass spectrometer maXis II with ETD (Bruker Daltonik) was 

characterized systematically in terms of hydrogen scrambling and how scrambling minimization affects ion 

transmission. In addition, the learnings from the characterization were applied in a bottom-up HDX-

MS/MS experiment on cytochrome c. With this paper we wanted to focus on two phenomena which has 

been under addressed in previous studies investigating the problem of optimizing for low hydrogen 

scrambling. Firstly, the propensity of an analyte to undergo hydrogen scrambling is dependent upon several 

factors including analyte mass and charge density. Second, the interdependency of scrambling-sensitive 

parameters.  

As has been the case for virtually all mass spectrometers optimized for low scrambling to date, the 

parameter set used to achieve optimal transmission all produce elevated levels of hydrogen scrambling in 

protonated peptides[76-83]. Because better sensitivity (i.e. ion transmission) is virtually always desired it is 

an important component when optimizing for low scrambling. Especially considering that not all analytes 

are equally sensitive to hydrogen scrambling since this implies that the optimal compromise between the 

energy imparted by the instrument parameters and the transmission efficiency is dependent upon the 

observed propensity of the analytes to undergo hydrogen scrambling. 

In this paper scrambling and ion transmission was first quantified for each ion source and ion transmission 

parameter in isolation to identify which were important for scrambling and ion transmission. Then, upon 

identifying the two accelerating potentials ion energy and collision energy as important the 

interdependency of these two parameters was investigated by making a response surface analysis. A 3D 

projection of the scrambling response upon varying the ion energy and collision energy can be seen in 

Figure 13.  
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Figure 13 The influence of varying ion energy and collision energy potentials on the level of hydrogen 

scrambling for the quadruply charged precursor of peptide P1. Each data point is an average of the 

scrambling level for the c2-c6 fragment ions in triplicate.  

Based on our optimization we found that an average of <5% scrambling could be achieved for the 

quadruply charged peptide P1 by adjusting both the ion energy and collision energy to 1 eV which resulted 

in a transmission loss of 33% compared to optimal transmission parameters (ion energy 4 eV and collision 

energy 8 eV). When putting these results in the context of data from other mass spectrometers the maXis 

II seem to produce ions of comparatively low internal energies with a relatively small sacrifice to ion 

transmission. This paper also provides the first record of the quintuple protonated peptide P1. This is 

further evidence of the ability of the maXis II to produce abundant cold ions since a lower internal energy 

distribution will shift the charge state distribution toward higher values[170, 171]. Full utilization of the 

response surface analysis allows fast optimization to be performed for virtually any polypeptide analyte. 

As a rule of thumb, the optimal value combination of ion energy and collision energy is found by locking 

the ion energy at 1 eV while gradually increasing the collision energy up to a point where hydrogen 

scrambling remain at an acceptable level.  

In the second part of the paper, we demonstrate the ability to obtain data with low hydrogen scrambling 

from a bottom-up HDX-MS/MS experiment of cytochrome c. Specifically, we probed the peptides 

68LENPKKYIPGTK78 and 83AGIKKKTEREDL94 which despite their high charge density (quadruply 

charged) still showed negligible hydrogen scrambling. Interestingly, the peptide 83AGIKKKTEREDL94 

span one of the most dynamic regions (the omega loop, italic residues) and the most stable region (N/C-

bihelical unit, bold residues)[172]. This results in a labeling pattern resembling the regio-selective labeling of 
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the P1 peptide, where the N-terminal exchanges completely while the C-terminal exchanges slowly. We 

therefore propose that this region is well suited as a probe for hydrogen scrambling in top-down HDX-

MS/MS applications in principle this is true for bottom-up HDX-MS/MS as well if a suitable peptide is 

detected. 

3.2 Manuscript II: Ultraviolet Photodissociation of Protonated Peptides and Proteins Can Proceed with 

H/D Scrambling 

Maciej Modzel#, Daniel T. Weltz Wollenberg#, Morten Beck Trelle, Martin R. Larsen, and Thomas J. D. 

Jørgensen 

Analytical Chemistry 2021 93 (2), 691-696 

DOI: 10.1021/acs.analchem.0c02957 

#M.M and D.T.W.W contributed equally to this work. 

In this paper we investigated the occurrence of hydrogen scrambling in fragment ions from UVPD at 213 

nm in the first commercial implementation of UVPD for polypeptides, specifically the Orbitrap Fusion 

Lumos tribrid mass spectrometer with UVPD module (henceforth: “Lumos”, Thermo Fischer). The use of 

UVPD at 213 nm as a means to sub-localize deuterium labeling in HDX-MS experiments had recently been 

demonstrated by Mistarz et al. for peptides using a non-commercial implementation of UVPD on a Synapt 

instrument (Waters)[78]. The paper by Mistarz et al. reported low amounts of scrambling for a/x- and c/z-

ion types resulting from UVPD after careful optimization of instrument parameters. However, due to low 

intensity it was not possible to reliably quantify scrambling for b/y-type ions from UVPD in this study. 

Around the same time Brodie et al. employed the Lumos UVPD implementation to sub-localize deuterium 

labeling in a top-down HDX-MS setup using a/x-, c/z-, as well as b/y-ions[118]. While the authors did a 

qualitative comparison of residue specific deuteration values from UVPD-MS and NMR the study 

unfortunately did not quantify the extent of scrambling in the UVPD fragment ions produced in this setup. 

As b/y-ion types are known to exhibit extensive hydrogen scrambling in CID and since UV fragmentation 

resulting from internal conversion of absorbed photonic energy is a possible outcome, we wanted to quantify 

scrambling of b/y-ions in the Lumos UVPD implementation. 

In our study we started by defining instrument parameters which showed negligible scrambling for ETD 

fragments of peptide P1 (<10%). This was achieved by lowering the capillary temperature as well as 

reducing some accelerating potentials in the ion path. Using these parameters, we could then show that 

the extend of scrambling exceeded 75% on average for b-ions from UVPD of the triply protonated peptide 

P1. The a- and c-ion types also showed extensive scrambling after UVPD although slightly less than b-

ions. This mirrored the extend of scrambling for a- and b-ions in CID (~75%), again using identical 
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instrument parameters to ETD. This indicated that extensive internal conversion was happening during 

UVPD irradiation and/or fragmentation which easily result in hydrogen scrambling for a relatively small 

polypeptide ion such as P1. In order to demonstrate the slow heating property of the Lumos UVPD 

implementation we did a series of experiments with increasing UVPD irradiation times followed by ETD 

fragmentation of the surviving precursor population, this experiment showed that the extend of hydrogen 

scrambling increased with UV irradiation time. We then proceeded to fragment the much larger polypeptide 

ubiquitin (76 residues) as larger ions may be less susceptible to hydrogen scrambling. While UV-irradiation 

(≤50 ms) did not cause scrambling in the non-fragmented ubiquitin the UVPD-generated b2- and a4-ion of 

ubiquitin exhibited 84% and 64% scrambling respectively when compared to NMR data. The absence of 

scrambling in the non-fragmented ubiquitin ion after UV-irradiation may be explained by the many modes 

over which absorbed energy may be distributed in large ions[173, 174]. Thus, resulting in very little energy 

per mode and ultimately too little energy to cause extensive proton migration.  

These results suggest that UVPD product ions in the current Lumos UVPD implementation is prone to 

scrambling. However, the extend of scrambling is likely to depend systematically on ion-type due to 

different equilibria between direct dissociation and statistical pathways. Following this logic UVPD is also 

likely to result in product ions with wide or complex distributions of apparent relative hydrogen scrambling 

because the production ions will have dissociated at shorter or longer irradiation times and by different 

pathways. Because of this scrambling may also be more likely to escape detection in UVPD if one is not 

careful. 

Now, regarding the discrepancy between Mistarz et al. and our observation of extensive scrambling for 

UVPD-generated a- and c-ions. From the onset, we had been meticulous in choosing UVPD conditions 

which resembled the conditions used by Mistarz et al. wherever possible. Thus, we were puzzled when we 

were unable to reproduce their results. Ultimately, we concluded that the most likely explanation for the 

observed differences was the higher pressure used during UVPD in the Synapt which may cause enough 

collisional cooling to tip the balance toward the direct dissociation pathway of UVPD. However, due to an 

instrumental limitation, we were unable to replicate the higher pressure used in their experiments. We 

therefore proceeded to advise that short UV-irradiation times are preferred in order to favor a majority of 

fragments resulting from direct dissociation and possibly facilitation of collisional quenching of the 

statistical pathways by increased gas pressure. 
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4 Supplemental discussion and perspectives 
This section will be dedicated to an overarching discussion including different considerations relating to 

the current state of HDX-MS/MS methodology. I will also give my perspective on why I think that bottom-

up HDX-MS remains the standard methodology despite the inherent advantages of HDX-MS/MS and what 

can be done to increase the utilization of HDX-MS/MS. 

History has shown that hydrogen scrambling is a complicated subject since scrambling can be introduced 

at many steps during ion transport and fragmentation. In addition, the propensity of an analyte to undergo 

scrambling will depend on the charge density and size, thus further contributing to complexity. In this 

light, it would be useful to reach a common ground in the HDX-MS field on how to verify and report low 

scrambling conditions when conducting HDX-MS/MS. To this end, a minimum recommendation should 

be to verify low scrambling conditions for the specific instrumental setup using a suitable and ideally well-

characterized probe. In this regard, it is important to consider that the sensitivity of the scrambling test 

should be equally or ideally slightly more sensitive to scrambling than the most scrambling sensitive analyte. 

This will allow for minimization of scrambling for the whole analyte population. Thus, for bottom-up HDX-

MS/MS a suitable scrambling probe could be a relatively small peptide (compared to the analyte population) 

with a charge state representing the upper extreme of the analyte population. For top-down HDX-MS/MS 

a small protein with available single residue resolution HDX-NMR data, such as cytochrome c or ubiquitin 

is a suitable test since resulting HDX-MS/MS deuteration values can be compared with NMR data to 

verify low scrambling. It is also worthwhile to consider the use of ammonia elimination to gauge hydrogen 

scrambling as described in Section 1.4.2 and demonstrated in Manuscript I, since this approach benefits 

from allowing quantification of scrambling for analytes where the HDX-behavior is not known. However, 

this approach has only been tested for ETD and by extension should apply to ECD[80]. While UVPD does 

produce some amount of ammonia elimination, this appears most predominant for b- and y-ions which 

likely result from internal conversion pathways[175, 176]. Therefore, UVPD generated b- and y-ions are not 

useful for sub-localizing deuterium labeling. However, Halim et al. also reported NH3 neutral loss for a-ions 

from 213 nm UVPD[176], and thus it would be interesting to investigate whether the deuterium content of 

this neutral loss is representative of the general a-ion population scrambling level (thus making NH3 

elimination a useful reporter for scrambling) or if this neutral loss pathway represents a sub-population. In 

any case, due to the different fragmentation pathways at play in UVPD one should not assume that 

conclusions from scrambling quantification by NH3 elimination in ETD can be transferred directly to 

UVPD.  
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In relation to the charge state dependent scrambling propensity, there has been one report showing more 

scrambling in the doubly charged peptide P1 (70% scrambling) than the triply charged version (39% 

scrambling) and only slightly less than the quadruply charged version (77% scrambling) at identical 

conditions during ECD. This was attributed to the longer survival time of the [c’ + z•]+ complex resulting 

from the doubly charge precursor compared to higher charge states [c’ + z•]z+ (where z>1) due to the lack 

of coulombic repulsion[79]. The extended survival time allow for intermolecular proton migration as the [c’ 

+ z•]+ complex can be converted to [c• + z’]+[177, 178]. Thus, to the extent that useful fragmentation spectra 

can be obtained for doubly charged peptides in electron-based dissociation one should be observant of this 

phenomenon. In relation to this, Kolbowski et al. recently showed a positive correlation between charge 

density and fragmentation efficiency for tryptic peptides at 213 nm UVPD[179]. The explanation offered for 

this observation was the possibility of incomplete dissociation through non-covalent association of 

fragments formed in an UVnoPD process equivalent to ETnoD. Thus, if this hypothesis holds true one 

could suspect an elevated level of scrambling for singly charged precursor peptides in UVPD as a resulting 

complex would lack coulombic repulsion, equivalent to the explanation offered for the increased scrambling 

of the doubly charged precursor in ECD[79].  

Now I’ll move on from the problem of hydrogen scrambling to considerations relating to sample preparation 

prior to HDX-MS/MS. A key parameter in HDX-MS/MS experiments is the size of the fragments being 

subjected to gas-phase fragmentation. Since bottom-up sized fragments will often have a low charge state, 

fragmentation efficiency with electron-based dissociation techniques will be correspondingly low. 

Fragmentation can likely be improved in bottom-up HDX-MS/MS by UVPD provided that low scrambling 

conditions can be achieved[2, 78]. Top-down HDX-MS/MS is more attractive for intact proteins below a 

certain size where electron-based dissociation and UVPD provide adequate fragmentation efficiency (and 

satisfactory sequence coverage). This is because the same sample will be easier and faster to process 

chromatographically in top-down compared to bottom-up due to less complexity, thus providing an 

opportunity to reduce back-exchange. In addition, back-exchange is further limited in top-down simply 

because no free amino-terminals are generated by digestion which will equilibrate with the aqueous solution 

at quench conditions before MS-detection. The caveats of top-down are the limited sequence coverage for 

proteins above a certain size in addition to increasing spectral complexity, which in HDX is further 

complicated by m/z shifts and broadening of isotopic envelopes. This is likely to cause an increase in 

uninterpretable or erroneously interpreted signals as the protein size (and spectral complexity) increase, be 

it by automated or manual annotation. In terms of sequence coverage for top-down HDX-MS/MS of large 

proteins, the combination of electron-based dissociation and UVPD fragmentation techniques present some 

improvement as fragmentation patterns between the two techniques offer some complementarity[118].  
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To this end, the application of middle-down to HDX-MS/MS seem to provide a good compromise between 

bottom-up and top-down gas-phase fragmentation. Crucially, middle-down could provide the same broad 

applicability as the classical bottom-up HDX-MS approach, which is not currently matched by bottom-up 

or top-down HDX-MS/MS. This is because middle-down has some key advantages, especially when 

collisional fragmentation cannot be used. First, middle-down sized fragments (~25-100 AA) will provide 

fragment spectra with sufficiently low complexity to be easily interpretable using high resolution MS. 

Second, middle-down fragments are more likely to have sufficiently high charge state for efficient electron-

based dissociation. Third, lower sample complexity compared to bottom-up will ease chromatographic 

separation. Fourth and last, larger fragments may be less susceptible to hydrogen scrambling, meaning 

that ion transport parameters could be tuned more in favor of transmission efficiency. However, a broadly 

applicable middle-down approach requires a way to consistently generate large peptide fragments. Such a 

method remains to be seen for HDX-MS/MS. While at least two studies have described middle-down 

approaches in HDX-MS/MS these approaches are not easily universally applied[180, 181]. One study by Pan 

et al. relied on the natural disulfide bond network of antibodies to produce limited digestion, using pepsin 

prior to disulfide reduction thus generating large fragments[180]. The other study by Karch et al. simply 

targeted large fragments (>20 AA) generated from a classical bottom-up HDX-MS experiment using pepsin 

digestion[181]. The traditional approach to middle-down outside of HDX-MS is to use proteases with high 

specificity like GluC, AspN, and LysC,[182]. However, the currently known proteases which are applicable 

at HDX quench conditions all exhibit relatively low specificity[137]. Therefore, limiting proteolysis in a 

controlled way which can be broadly applied to proteins may be one way forward. To this end, one study 

has shown controlled proteolysis of antibodies using immobilized pepsin on porous nylon membranes by 

finetuning the residence time of the analyte within the membranes[183]. This approach may be exploitable 

by chip-based pepsin microreactors which have been developed specifically with HDX-MS applications in 

mind and to allow for customized reactor designs[184]. However, a potential problem with limiting digestion 

time is the reduced copy number of the generated fragments which in turn reduces sensitivity. In addition, 

due to the increased concentration of undigested protein in such an approach, the chromatographic setup 

should be designed with this in mind. Nevertheless, I believe that a middle-down approach which can be 

broadly applied in HDX will increase the utility of HDX-MS/MS to the point where it could establish a 

new norm in HDX-MS.  

  



Daniel T. W. Wollenberg  References 

Page | 37 

5 References 
1. Wollenberg DTW, Pengelley S, Mouritsen JC, Suckau D, Jørgensen CI, Jørgensen TJD. 

Avoiding H/D Scrambling with Minimal Ion Transmission Loss for HDX-MS/MS-ETD Analysis on a 

High-Resolution Q-TOF Mass Spectrometer. Analytical Chemistry. 2020;92(11):7453-61. 

2. Modzel M, Wollenberg DTW, Trelle MB, Larsen MR, Jørgensen TJD. Ultraviolet 

Photodissociation of Protonated Peptides and Proteins Can Proceed with H/D Scrambling. Analytical 

Chemistry. 2021;93(2):691-6. 

3. Rasmussen HO, Wollenberg DTW, Wang H, Andersen KK, Oliveira CLP, Jorgensen CI, et al. 

The changing face of SDS denaturation: Complexes of Thermomyces lanuginosus lipase with SDS at pH 

4.0, 6.0 and 8.0. J Colloid Interface Sci. 2022;614:214-32. 

4. Anfinsen CB. Principles that Govern the Folding of Protein Chains. Science. 

1973;181(4096):223-30. 

5. Anfinsen CB, Haber E, Sela M, White Jr F. The kinetics of formation of native ribonuclease 

during oxidation of the reduced polypeptide chain. Proceedings of the National Academy of Sciences of 

the United States of America. 1961;47(9):1309. 

6. Dogan J, Gianni S, Jemth P. The binding mechanisms of intrinsically disordered proteins. Phys 

Chem Chem Phys. 2014;16(14):6323-31. 

7. Schneider R, Blackledge M, Jensen MR. Elucidating binding mechanisms and dynamics of 

intrinsically disordered protein complexes using NMR spectroscopy. Curr Opin Struct Biol. 2019;54:10-8. 

8. Oliveberg M, Wolynes PG. The experimental survey of protein-folding energy landscapes. 

Quarterly reviews of biophysics. 2005;38(3):245-88. 

9. Englander SW, Mayne L. The case for defined protein folding pathways. Proc Natl Acad Sci U 

S A. 2017;114(31):8253-8. 

10. Englander SW, Mayne L. The nature of protein folding pathways. Proc Natl Acad Sci U S A. 

2014;111(45):15873-80. 

11. Hu W, Kan Z-Y, Mayne L, Englander SW. Cytochrome c folds through foldon-dependent 

native-like intermediates in an ordered pathway. Proceedings of the National Academy of Sciences. 

2016;113(14):3809-14. 

12. Blakeley MP, Hasnain SS, Antonyuk SV. Sub-atomic resolution X-ray crystallography and 

neutron crystallography: promise, challenges and potential. IUCrJ. 2015;2(Pt 4):464-74. 

13. Griswold IJ, Dahlquist FW. Bigger is better: megadalton protein NMR in solution. Nat Struct 

Biol. 2002;9(8):567-8. 

14. Yu H. Extending the size limit of protein nuclear magnetic resonance. Proc Natl Acad Sci U S 

A. 1999;96(2):332-4. 

15. Murata K, Wolf M. Cryo-electron microscopy for structural analysis of dynamic biological 

macromolecules. Biochim Biophys Acta Gen Subj. 2018;1862(2):324-34. 

16. Heck AJR. Native mass spectrometry: a bridge between interactomics and structural biology. 

Nature Methods. 2008;5(11):927-33. 

17. Rappsilber J. The beginning of a beautiful friendship: Cross-linking/mass spectrometry and 

modelling of proteins and multi-protein complexes. Journal of Structural Biology. 2011;173(3):530-40. 

18. Englander SW. Hydrogen exchange and mass spectrometry: A historical perspective. J Am Soc 

Mass Spectrom. 2006;17(11):1481-9. 

19. Linderstrom-Lang K. Symposium on Protein Structure. London: Methuen; 1958. 

20. Hvidt A, Linderstrom-Lang K. Exchange of hydrogen atoms in insulin with deuterium atoms in 

aqueous solutions. Biochim Biophys Acta. 1954;14(4):574-5. 

21. Hvidt A, Linderstrom-Lang K. The kinetics of the deuterium exchange of insulin with D2O; an 

amendment. Biochim Biophys Acta. 1955;16(1):168-9. 

22. Hvidt A, Nielsen SO. Hydrogen exchange in proteins. Adv Protein Chem. 1966;21:287-386. 



Daniel T. W. Wollenberg  References 

Page | 38 

23. Hvidt A, Johansen G, Linderstrøm-Lang K, Vaslow F. Exchange of deuterium and 18O between 

water and other substances. I. Methods. C R Trav Lab Carlsberg Chim. 1954;29(9):129-57. 

24. Haggis GH. Proton-deuteron exchange in protein and nucleoprotein molecules surrounded by 

heavy water. Biochim Biophys Acta. 1957;23(3):494-503. 

25. Englander SW. A Hydrogen Exchange Method Using Tritium and Sephadex: Its Application to 

Ribonuclease. Biochemistry. 1963;2:798-807. 

26. Englander SW. Protein folding intermediates and pathways studied by hydrogen exchange. 

Annu Rev Biophys Biomol Struct. 2000;29:213-38. 

27. Wüthrich K, Wagner G. Internal motion in globular proteins. Trends in Biochemical Sciences. 

1978;3(4):227-30. 

28. Molday RS, Englander SW, Kallen RG. Primary structure effects on peptide group hydrogen 

exchange. Biochemistry. 1972;11(2):150-8. 

29. Bai Y, Milne JS, Mayne L, Englander SW. Primary structure effects on peptide group hydrogen 

exchange. Proteins. 1993;17(1):75-86. 

30. Wagner G, Wuthrich K. Amide protein exchange and surface conformation of the basic 

pancreatic trypsin inhibitor in solution. Studies with two-dimensional nuclear magnetic resonance. J Mol 

Biol. 1982;160(2):343-61. 

31. Rosa JJ, Richards FM. An experimental procedure for increasing the structural resolution of 

chemical hydrogen-exchange measurements on proteins: application to ribonuclease S peptide. J Mol 

Biol. 1979;133(3):399-416. 

32. Englander JJ, Rogero JR, Englander SW. Protein hydrogen exchange studied by the fragment 

separation method. Anal Biochem. 1985;147(1):234-44. 

33. Konermann L, Pan J, Liu YH. Hydrogen exchange mass spectrometry for studying protein 

structure and dynamics. Chem Soc Rev. 2011;40(3):1224-34. 

34. Oganesyan I, Lento C, Wilson DJ. Contemporary hydrogen deuterium exchange mass 

spectrometry. Methods. 2018;144:27-42. 

35. Karas M, Hillenkamp F. Laser desorption ionization of proteins with molecular masses exceeding 

10,000 daltons. Anal Chem. 1988;60(20):2299-301. 

36. Fenn JB, Mann M, Meng CK, Wong SF, Whitehouse CM. Electrospray ionization for mass 

spectrometry of large biomolecules. Science. 1989;246(4926):64-71. 

37. Chowdhury SK, Katta V, Chait BT. Probing conformational changes in proteins by mass 

spectrometry. Journal of the American Chemical Society. 1990;112(24):9012-3. 

38. Katta V, Chait BT. Conformational changes in proteins probed by hydrogen-exchange 

electrospray-ionization mass spectrometry. Rapid communications in mass spectrometry : RCM. 

1991;5(4):214-7. 

39. Zhang Z, Smith DL. Determination of amide hydrogen exchange by mass spectrometry: a new 

tool for protein structure elucidation. Protein Sci. 1993;2(4):522-31. 

40. Johnson RS, Walsh KA. Mass spectrometric measurement of protein amide hydrogen exchange 

rates of apo- and holo-myoglobin. Protein Sci. 1994;3(12):2411-8. 

41. Engen JR, Botzanowski T, Peterle D, Georgescauld F, Wales TE. Developments in 

Hydrogen/Deuterium Exchange Mass Spectrometry. Anal Chem. 2021;93(1):567-82. 

42. INTERNATIONAL SOCIETY OF HDX-MS 2021 [cited 2021 December 19]. IS-HDXMS is a 

non-profit society for advancing the use of HDX-MS.]. Available from: http://hdxms.net/. 

43. Masson GR, Burke JE, Ahn NG, Anand GS, Borchers C, Brier S, et al. Recommendations for 

performing, interpreting and reporting hydrogen deuterium exchange mass spectrometry (HDX-MS) 

experiments. Nat Methods. 2019;16(7):595-602. 

44. Englander SW, Kallenbach NR. Hydrogen exchange and structural dynamics of proteins and 

nucleic acids. Q Rev Biophys. 1983;16(4):521-655. 

http://hdxms.net/


Daniel T. W. Wollenberg  References 

Page | 39 

45. Zhang YZ, Paterson Y, Roder H. Rapid amide proton exchange rates in peptides and proteins 

measured by solvent quenching and two-dimensional NMR. Protein Sci. 1995;4(4):804-14. 

46. Nguyen D, Mayne L, Phillips MC, Walter Englander S. Reference Parameters for Protein 

Hydrogen Exchange Rates. J Am Soc Mass Spectrom. 2018;29(9):1936-9. 

47. Perrin CL. Proton exchange in amides: Surprises from simple systems. Accounts of Chemical 

Research. 1989;22(8):268-75. 

48. Kim PS, Baldwin RL. Influence of charge on the rate of amide proton exchange. Biochemistry. 

1982;21(1):1-5. 

49. Rohl CA, Baldwin RL. Comparison of NH exchange and circular dichroism as techniques for 

measuring the parameters of the helix-coil transition in peptides. Biochemistry. 1997;36(28):8435-42. 

50. Walters BT, Ricciuti A, Mayne L, Englander SW. Minimizing back exchange in the hydrogen 

exchange-mass spectrometry experiment. J Am Soc Mass Spectrom. 2012;23(12):2132-9. 

51. Hamuro Y. Tutorial: Chemistry of Hydrogen/Deuterium Exchange Mass Spectrometry. J Am 

Soc Mass Spectrom. 2021;32(1):133-51. 

52. Rand KD, Jorgensen TJ. Development of a peptide probe for the occurrence of hydrogen 

(1H/2H) scrambling upon gas-phase fragmentation. Anal Chem. 2007;79(22):8686-93. 

53. Skinner JJ, Lim WK, Bedard S, Black BE, Englander SW. Protein hydrogen exchange: testing 

current models. Protein Sci. 2012;21(7):987-95. 

54. Konermann L, Tong X, Pan Y. Protein structure and dynamics studied by mass spectrometry: 

H/D exchange, hydroxyl radical labeling, and related approaches. Journal of mass spectrometry : JMS. 

2008;43(8):1021-36. 

55. Maity H, Lim WK, Rumbley JN, Englander SW. Protein hydrogen exchange mechanism: local 

fluctuations. Protein Sci. 2003;12(1):153-60. 

56. Weis DD, Wales TE, Engen JR, Hotchko M, Ten Eyck LF. Identification and characterization 

of EX1 kinetics in H/D exchange mass spectrometry by peak width analysis. J Am Soc Mass Spectrom. 

2006;17(11):1498-509. 

57. Fajer PG, Bou-Assaf GM, Marshall AG. Improved sequence resolution by global analysis of 

overlapped peptides in hydrogen/deuterium exchange mass spectrometry. J Am Soc Mass Spectrom. 

2012;23(7):1202-8. 

58. Sperry JB, Smith CL, Caparon MG, Ellenberger T, Gross ML. Mapping the protein-protein 

interface between a toxin and its cognate antitoxin from the bacterial pathogen Streptococcus pyogenes. 

Biochemistry. 2011;50(19):4038-45. 

59. Huang L, So PK, Yao ZP. Protein dynamics revealed by hydrogen/deuterium exchange mass 

spectrometry: Correlation between experiments and simulation. Rapid communications in mass 

spectrometry : RCM. 2019;33 Suppl 3:83-9. 

60. McAllister RG, Konermann L. Challenges in the interpretation of protein h/d exchange data: a 

molecular dynamics simulation perspective. Biochemistry. 2015;54(16):2683-92. 

61. Thomson JJ. Bakerian Lecture:—Rays of positive electricity. Proceedings of the Royal Society 

of London Series A, Containing Papers of a Mathematical and Physical Character. 1913;89(607):1-20. 

62. Barber M, Bordoli RS, Sedgwick RD, Tyler AN. Fast atom bombardment of solids as an ion 

source in mass spectrometry. Nature. 1981;293(5830):270-5. 

63. Desiderio DM, Katakuse I. Fast atom bombardment-collision activated dissociation-linked field 

scanning mass spectrometry of the neuropeptide substance P. Analytical Biochemistry. 1983;129(2):425-

9. 

64. Tomer KB, Crow FW, Gross ML, Kopple KD. Fast-atom bombardment combined with tandem 

mass spectrometry for the determination of cyclic peptides. Analytical Chemistry. 1984;56(6):880-6. 

65. Hoffmann Ed, Stroobant V. Mass Spectrometry. 3rd ed. New York, NY: John Wiley & Sons; 

2013. 



Daniel T. W. Wollenberg  References 

Page | 40 

66. Van Berkel GJ, Kertesz V. Using the Electrochemistry of the Electrospray Ion Source. 

Analytical Chemistry. 2007;79(15):5510-20. 

67. Duft D, Achtzehn T, Muller R, Huber BA, Leisner T. Coulomb fission: Rayleigh jets from 

levitated microdroplets. Nature. 2003;421(6919):128. 

68. Znamenskiy V, Marginean I, Vertes A. Solvated Ion Evaporation from Charged Water 

Nanodroplets. The Journal of Physical Chemistry A. 2003;107(38):7406-12. 

69. Daub CD, Cann NM. How Are Completely Desolvated Ions Produced in Electrospray 

Ionization: Insights from Molecular Dynamics Simulations. Analytical Chemistry. 2011;83(22):8372-6. 

70. Konermann L, Ahadi E, Rodriguez AD, Vahidi S. Unraveling the mechanism of electrospray 

ionization. Anal Chem. 2013;85(1):2-9. 

71. Ahadi E, Konermann L. Modeling the behavior of coarse-grained polymer chains in charged 

water droplets: implications for the mechanism of electrospray ionization. J Phys Chem B. 

2012;116(1):104-12. 

72. Nguyen DN, Xu B, Stanfield RL, Bailey JK, Horiya S, Temme JS, et al. Oligomannose 

Glycopeptide Conjugates Elicit Antibodies Targeting the Glycan Core Rather than Its Extremities. ACS 

Cent Sci. 2019;5(2):237-49. 

73. Gathungu RM, Larrea P, Sniatynski MJ, Marur VR, Bowden JA, Koelmel JP, et al. 

Optimization of Electrospray Ionization Source Parameters for Lipidomics To Reduce Misannotation of 

In-Source Fragments as Precursor Ions. Anal Chem. 2018;90(22):13523-32. 

74. Monigatti F, Hekking B, Steen H. Protein sulfation analysis--A primer. Biochim Biophys Acta. 

2006;1764(12):1904-13. 

75. Zehl M, Rand KD, Jensen ON, Jorgensen TJ. Electron transfer dissociation facilitates the 

measurement of deuterium incorporation into selectively labeled peptides with single residue resolution. J 

Am Chem Soc. 2008;130(51):17453-9. 

76. Rand KD, Zehl M, Jensen ON, Jorgensen TJ. Protein hydrogen exchange measured at single-

residue resolution by electron transfer dissociation mass spectrometry. Anal Chem. 2009;81(14):5577-84. 

77. Rand KD, Pringle SD, Morris M, Engen JR, Brown JM. ETD in a traveling wave ion guide at 

tuned Z-spray ion source conditions allows for site-specific hydrogen/deuterium exchange measurements. 

Journal of the American Society for Mass Spectrometry. 2011;22(10):1784-93. 

78. Mistarz UH, Bellina B, Jensen PF, Brown JM, Barran PE, Rand KD. UV Photodissociation 

Mass Spectrometry Accurately Localize Sites of Backbone Deuteration in Peptides. Analytical 

Chemistry. 2017:acs.analchem.7b04683-acs.analchem.7b. 

79. Rand KD, Adams CM, Zubarev RA, Jorgensen TJ. Electron capture dissociation proceeds with 

a low degree of intramolecular migration of peptide amide hydrogens. J Am Chem Soc. 2008;130(4):1341-

9. 

80. Rand KD, Zehl M, Jensen ON, Jorgensen TJ. Loss of ammonia during electron-transfer 

dissociation of deuterated peptides as an inherent gauge of gas-phase hydrogen scrambling. Anal Chem. 

2010;82(23):9755-62. 

81. Amon S, Trelle MB, Jensen ON, Jorgensen TJ. Spatially resolved protein hydrogen exchange 

measured by subzero-cooled chip-based nanoelectrospray ionization tandem mass spectrometry. Anal 

Chem. 2012;84(10):4467-73. 

82. Landgraf RR, Chalmers MJ, Griffin PR. Automated hydrogen/deuterium exchange electron 

transfer dissociation high resolution mass spectrometry measured at single-amide resolution. J Am Soc 

Mass Spectrom. 2012;23(2):301-9. 

83. Wang Q, Borotto NB, Hakansson K. Gas-Phase Hydrogen/Deuterium Scrambling in Negative-

Ion Mode Tandem Mass Spectrometry. J Am Soc Mass Spectrom. 2019. 

84. Rand KD, Zehl M, Jørgensen TJD. Measuring the hydrogen/deuterium exchange of proteins at 

high spatial resolution by mass spectrometry: overcoming gas-phase hydrogen/deuterium scrambling. 

Accounts of chemical research. 2014;47(10):3018. 



Daniel T. W. Wollenberg  References 

Page | 41 

85. Kweon HK, Håkansson K. Site-specific amide hydrogen exchange in melittin probed by electron 

capture dissociation Fourier transform ion cyclotron resonance mass spectrometry. Analyst. 

2006;131(2):275-80. 

86. Charlebois JP, Patrie SM, Kelleher NL. Electron capture dissociation and 13C,15N depletion for 

deuterium localization in intact proteins after solution-phase exchange. Anal Chem. 2003;75(13):3263-6. 

87. Kelly RT, Tolmachev AV, Page JS, Tang K, Smith RD. The ion funnel: theory, 

implementations, and applications. Mass Spectrom Rev. 2010;29(2):294-312. 

88. Kim T, Tolmachev AV, Harkewicz R, Prior DC, Anderson G, Udseth HR, et al. Design and 

implementation of a new electrodynamic ion funnel. Anal Chem. 2000;72(10):2247-55. 

89. Gabelica V, De Pauw E. Internal energy and fragmentation of ions produced in electrospray 

sources. Mass Spectrom Rev. 2005;24(4):566-87. 

90. Hu Q, Noll RJ, Li H, Makarov A, Hardman M, Graham Cooks R. The Orbitrap: a new mass 

spectrometer. Journal of mass spectrometry : JMS. 2005;40(4):430-43. 

91. Roepstorff P, Fohlman J. Proposal for a common nomenclature for sequence ions in mass 

spectra of peptides. Biomed Mass Spectrom. 1984;11(11):601. 

92. Biemann K. Contributions of mass spectrometry to peptide and protein structure. Biomed 

Environ Mass Spectrom. 1988;16(1-12):99-111. 

93. Wells JM, McLuckey SA. Collision-induced dissociation (CID) of peptides and proteins. 

Methods Enzymol. 2005;402:148-85. 

94. McLuckey SA, McLuckey SA, Goeringer DE. SPECIAL FEATURE:TUTORIAL Slow Heating 

Methods in Tandem Mass Spectrometry. Journal of mass spectrometry. 1997;32(5):461-74. 

95. Stannard PR, Gelbart WM. Intramolecular vibrational energy redistribution. The Journal of 

Physical Chemistry. 1981;85(24):3592-9. 

96. Paizs B, Suhai S. Fragmentation pathways of protonated peptides. Mass Spectrom Rev. 

2005;24(4):508-48. 

97. Wysocki VH, Tsaprailis G, Smith LL, Breci LA. Mobile and localized protons: a framework for 

understanding peptide dissociation. Journal of mass spectrometry : JMS. 2000;35(12):1399-406. 

98. Mann M, Jensen ON. Proteomic analysis of post-translational modifications. Nat Biotechnol. 

2003;21(3):255-61. 

99. Syka JE, Coon JJ, Schroeder MJ, Shabanowitz J, Hunt DF. Peptide and protein sequence 

analysis by electron transfer dissociation mass spectrometry. Proc Natl Acad Sci U S A. 

2004;101(26):9528-33. 

100. Zubarev RA, Kelleher NL, McLafferty FW. Electron Capture Dissociation of Multiply Charged 

Protein Cations. A Nonergodic Process. Journal of the American Chemical Society. 1998;120(13):3265-6. 

101. Breuker K, Oh H, Lin C, Carpenter BK, McLafferty FW. Nonergodic and conformational 

control of the electron capture dissociation of protein cations. Proc Natl Acad Sci U S A. 

2004;101(39):14011-6. 

102. Syrstad EA, Turecek F. Toward a general mechanism of electron capture dissociation. J Am Soc 

Mass Spectrom. 2005;16(2):208-24. 

103. Sawicka A, Skurski P, Hudgins RR, Simons J. Model Calculations Relevant to Disulfide Bond 

Cleavage via Electron Capture Influenced by Positively Charged Groups. The Journal of Physical 

Chemistry B. 2003;107(48):13505-11. 

104. Lermyte F, Valkenborg D, Loo JA, Sobott F. Radical solutions: Principles and application of 

electron-based dissociation in mass spectrometry-based analysis of protein structure. Mass Spectrom Rev. 

2018;37(6):750-71. 

105. Good DM, Wirtala M, McAlister GC, Coon JJ. Performance characteristics of electron transfer 

dissociation mass spectrometry. Molecular & cellular proteomics : MCP. 2007;6(11):1942-51. 



Daniel T. W. Wollenberg  References 

Page | 42 

106. McLafferty FW, Horn DM, Breuker K, Ge Y, Lewis MA, Cerda B, et al. Electron capture 

dissociation of gaseous multiply charged ions by Fourier-transform ion cyclotron resonance. J Am Soc 

Mass Spectrom. 2001;12(3):245-9. 

107. Reilly JP. Ultraviolet photofragmentation of biomolecular ions. Mass Spectrom Rev. 

2009;28(3):425-47. 

108. Tureček F. NCα Bond Dissociation Energies and Kinetics in Amide and Peptide Radicals. Is the 

Dissociation a Non-ergodic Process? Journal of the American Chemical Society. 2003;125(19):5954-63. 

109. Wiesner J, Premsler T, Sickmann A. Application of electron transfer dissociation (ETD) for the 

analysis of posttranslational modifications. Proteomics. 2008;8(21):4466-83. 

110. Kjeldsen F, Haselmann KF, Budnik BA, Sorensen ES, Zubarev RA. Complete characterization 

of posttranslational modification sites in the bovine milk protein PP3 by tandem mass spectrometry with 

electron capture dissociation as the last stage. Anal Chem. 2003;75(10):2355-61. 

111. Lermyte F, Sobott F. Electron transfer dissociation provides higher-order structural information 

of native and partially unfolded protein complexes. Proteomics. 2015;15(16):2813-22. 

112. Brodbelt JS. Photodissociation mass spectrometry: new tools for characterization of biological 

molecules. Chem Soc Rev. 2014;43(8):2757-83. 

113. Brodbelt JS, Morrison LJ, Santos I. Ultraviolet Photodissociation Mass Spectrometry for 

Analysis of Biological Molecules. Chem Rev. 2020;120(7):3328-80. 

114. R. Julian R. The Mechanism Behind Top-Down UVPD Experiments: Making Sense of Apparent 

Contradictions. Journal of The American Society for Mass Spectrometry. 2017;28(9):1823-6. 

115. Wetlaufer DB. Ultraviolet spectra Of Proteins and Amino Acids. In: Anfinsen CB, Bailey K, 

Anson ML, Edsall JT, editors. Advances in Protein Chemistry. 17: Academic Press; 1963. p. 303-90. 

116. Moon JH, Yoon SH, Kim MS. Photodissociation of singly protonated peptides at 193 nm 

investigated with tandem time-of-flight mass spectrometry. Rapid Communications in Mass 

Spectrometry. 2005;19(22):3248-52. 

117. Thompson MS, Cui W, Reilly JP. Fragmentation of Singly Charged Peptide Ions by 

Photodissociation at λ=157 nm. Angewandte Chemie International Edition. 2004;43(36):4791-4. 

118. Brodie NI, Huguet R, Zhang T, Viner R, Zabrouskov V, Pan J, et al. Top-Down Hydrogen-

Deuterium Exchange Analysis of Protein Structures Using Ultraviolet Photodissociation. Anal Chem. 

2018;90(5):3079-82. 

119. Pereverzev AY, Koczor-Benda Z, Saparbaev E, Kopysov VN, Rosta E, Boyarkin OV. 

Spectroscopic Evidence for Peptide-Bond-Selective Ultraviolet Photodissociation. The Journal of Physical 

Chemistry Letters. 2020;11(1):206-9. 

120. Blevins MS, Klein DR, Brodbelt JS. Localization of Cyclopropane Modifications in Bacterial 

Lipids via 213 nm Ultraviolet Photodissociation Mass Spectrometry. Anal Chem. 2019;91(10):6820-8. 

121. Fornelli L, Srzentić K, Huguet R, Mullen C, Sharma S, Zabrouskov V, et al. Accurate Sequence 

Analysis of a Monoclonal Antibody by Top-Down and Middle-Down Orbitrap Mass Spectrometry 

Applying Multiple Ion Activation Techniques. Analytical Chemistry. 2018;90(14):8421-9. 

122. Hansen K, Skinnerup Byskov C, Nielsen SB. Energy flow in peptides after UV photoexcitation 

of backbone linkages. Physical Chemistry Chemical Physics. 2017;19(30):19640-5. 

123. Byskov CS, Jensen F, Jørgensen TJ, Nielsen SB. On the photostability of peptides after 

selective photoexcitation of the backbone: prompt versus slow dissociation. Physical Chemistry Chemical 

Physics. 2014;16(30):15831-8. 

124. Park S, Ahn W-K, Lee S, Han SY, Rhee BK, Oh HB. Ultraviolet photodissociation at 266 nm of 

phosphorylated peptide cations. Rapid Communications in Mass Spectrometry. 2009;23(23):3609-20. 

125. Girod M, Sanader Z, Vojkovic M, Antoine R, MacAleese L, Lemoine J, et al. UV 

Photodissociation of Proline-containing Peptide Ions: Insights from Molecular Dynamics. Journal of the 

American Society for Mass Spectrometry. 2015;26(3):432-43. 



Daniel T. W. Wollenberg  References 

Page | 43 

126. Halim MA, Girod M, MacAleese L, Lemoine J, Antoine R, Dugourd P. 213 nm Ultraviolet 

Photodissociation on Peptide Anions: Radical-Directed Fragmentation Patterns. Journal of the American 

Society for Mass Spectrometry. 2016;27(3):474-86. 

127. Halim MA, MacAleese L, Lemoine J, Antoine R, Dugourd P, Girod M. Ultraviolet, Infrared, 

and High-Low Energy Photodissociation of Post-Translationally Modified Peptides. Journal of the 

American Society for Mass Spectrometry. 2018;29(2):270-83. 

128. Halim MA, Girod M, MacAleese L, Lemoine J, Antoine R, Dugourd P. Combined infrared 

multiphoton dissociation with ultraviolet photodissociation for ubiquitin characterization. Journal of The 

American Society for Mass Spectrometry. 2016;27(9):1435-42. 

129. Wang L, Pan H, Smith DL. Hydrogen exchange-mass spectrometry: optimization of digestion 

conditions. Molecular & cellular proteomics : MCP. 2002;1(2):132-8. 

130. Cline DJ, Redding SE, Brohawn SG, Psathas JN, Schneider JP, Thorpe C. New Water-Soluble 

Phosphines as Reductants of Peptide and Protein Disulfide Bonds:  Reactivity and Membrane 

Permeability. Biochemistry. 2004;43(48):15195-203. 

131. Lim WK, Rosgen J, Englander SW. Urea, but not guanidinium, destabilizes proteins by forming 

hydrogen bonds to the peptide group. Proc Natl Acad Sci U S A. 2009;106(8):2595-600. 

132. Hamuro Y, Coales SJ. Optimization of Feasibility Stage for Hydrogen/Deuterium Exchange 

Mass Spectrometry. J Am Soc Mass Spectrom. 2018;29(3):623-9. 

133. Mysling S, Salbo R, Ploug M, Jorgensen TJ. Electrochemical reduction of disulfide-containing 

proteins for hydrogen/deuterium exchange monitored by mass spectrometry. Anal Chem. 2014;86(1):340-

5. 

134. Comamala G, Wagner C, de la Torre PS, Jakobsen RU, Hilger M, Brouwer H-J, et al. 

Hydrogen/deuterium exchange mass spectrometry with improved electrochemical reduction enables 

comprehensive epitope mapping of a therapeutic antibody to the cysteine-knot containing vascular 

endothelial growth factor. Analytica Chimica Acta. 2020;1115:41-51. 

135. Kadek A, Mrazek H, Halada P, Rey M, Schriemer DC, Man P. Aspartic protease nepenthesin-1 

as a tool for digestion in hydrogen/deuterium exchange mass spectrometry. Anal Chem. 2014;86(9):4287-

94. 

136. Yang M, Hoeppner M, Rey M, Kadek A, Man P, Schriemer DC. Recombinant Nepenthesin II 

for Hydrogen/Deuterium Exchange Mass Spectrometry. Anal Chem. 2015;87(13):6681-7. 

137. Tsiatsiani L, Akeroyd M, Olsthoorn M, Heck AJR. Aspergillus niger Prolyl Endoprotease for 

Hydrogen-Deuterium Exchange Mass Spectrometry and Protein Structural Studies. Anal Chem. 

2017;89(15):7966-73. 

138. Zhang HM, Kazazic S, Schaub TM, Tipton JD, Emmett MR, Marshall AG. Enhanced digestion 

efficiency, peptide ionization efficiency, and sequence resolution for protein hydrogen/deuterium exchange 

monitored by Fourier transform ion cyclotron resonance mass spectrometry. Anal Chem. 

2008;80(23):9034-41. 

139. Marcoux J, Thierry E, Vivès C, Signor L, Fieschi F, Forest E. Investigating alternative acidic 

proteases for H/D exchange coupled to mass spectrometry: plasmepsin 2 but not plasmepsin 4 is active 

under quenching conditions. Journal of the American Society for Mass Spectrometry. 2010;21(1):76-9. 

140. Cravello L, Lascoux D, Forest E. Use of different proteases working in acidic conditions to 

improve sequence coverage and resolution in hydrogen/deuterium exchange of large proteins. Rapid 

communications in mass spectrometry : RCM. 2003;17(21):2387-93. 

141. Möller IR, Slivacka M, Hausner J, Nielsen AK, Pospíšilová E, Merkle PS, et al. Improving the 

Sequence Coverage of Integral Membrane Proteins during Hydrogen/Deuterium Exchange Mass 

Spectrometry Experiments. Analytical Chemistry. 2019;91(17):10970-8. 

142. Nirudodhi SN, Sperry JB, Rouse JC, Carroll JA. Application of Dual Protease Column for 

HDX-MS Analysis of Monoclonal Antibodies. J Pharm Sci. 2017;106(2):530-6. 



Daniel T. W. Wollenberg  References 

Page | 44 

143. Hamuro Y, Zhang T. High-Resolution HDX-MS of Cytochrome c Using Pepsin/Fungal Protease 

Type XIII Mixed Bed Column. Journal of The American Society for Mass Spectrometry. 2019;30(2):227-

34. 

144. Venable JD, Okach L, Agarwalla S, Brock A. Subzero temperature chromatography for reduced 

back-exchange and improved dynamic range in amide hydrogen/deuterium exchange mass spectrometry. 

Anal Chem. 2012;84(21):9601-8. 

145. Wales TE, Fadgen KE, Eggertson MJ, Engen JR. Subzero Celsius separations in three-zone 

temperature controlled hydrogen deuterium exchange mass spectrometry. J Chromatogr A. 2017. 

146. Wu Y, Engen JR, Hobbins WB. Ultra Performance Liquid Chromatography (UPLC) Further 

Improves Hydrogen/Deuterium Exchange Mass Spectrometry. Journal of the American Society for Mass 

Spectrometry. 2006;17(2):163-7. 

147. Wales TE, Fadgen KE, Gerhardt GC, Engen JR. High-Speed and High-Resolution UPLC 

Separation at Zero Degrees Celsius. Analytical Chemistry. 2008;80(17):6815-20. 

148. Electrospray and MALDI Mass Spectrometry. Hoboken, NJ, USA: John Wiley & Sons, Inc; 

2010. 

149. Mass Spectrometry Data Analysis in Proteomics. Walker JM, editor. Totowa, NJ: Humania 

Press Inc.; 2007. 

150. Ferrige AG, Seddon MJ, Green BN, Jarvis SA, Skilling J, Staunton J. Disentangling 

electrospray spectra with maximum entropy. Rapid Communications in Mass Spectrometry. 

1992;6(11):707-11. 

151. Zhang Z, Marshall AG. A universal algorithm for fast and automated charge state deconvolution 

of electrospray mass-to-charge ratio spectra. Journal of the American Society for Mass Spectrometry. 

1998;9(3):225-33. 

152. Mayne L, Kan ZY, Chetty PS, Ricciuti A, Walters BT, Englander SW. Many overlapping 

peptides for protein hydrogen exchange experiments by the fragment separation-mass spectrometry 

method. J Am Soc Mass Spectrom. 2011;22(11):1898-905. 

153. Althaus E, Canzar S, Ehrler C, Emmett MR, Karrenbauer A, Marshall AG, et al. Computing 

H/D-exchange rates of single residues from data of proteolytic fragments. BMC Bioinformatics. 

2010;11:424. 

154. Pascal BD, Chalmers MJ, Busby SA, Griffin PR. HD desktop: An integrated platform for the 

analysis and visualization of H/D exchange data. Journal of the American Society for Mass 

Spectrometry. 2009;20(4):601-10. 

155. Zhang Z, Zhang A, Xiao G. Improved protein hydrogen/deuterium exchange mass spectrometry 

platform with fully automated data processing. Anal Chem. 2012;84(11):4942-9. 

156. Kan ZY, Walters BT, Mayne L, Englander SW. Protein hydrogen exchange at residue 

resolution by proteolytic fragmentation mass spectrometry analysis. Proc Natl Acad Sci U S A. 

2013;110(41):16438-43. 

157. Trabjerg E, Jakobsen RU, Mysling S, Christensen S, Jorgensen TJ, Rand KD. Conformational 

analysis of large and highly disulfide-stabilized proteins by integrating online electrochemical reduction 

into an optimized H/D exchange mass spectrometry workflow. Anal Chem. 2015;87(17):8880-8. 

158. Deng Y, Pan H, Smith DL. Selective Isotope Labeling Demonstrates That Hydrogen Exchange 

at Individual Peptide Amide Linkages Can Be Determined by Collision-Induced Dissociation Mass 

Spectrometry. Journal of the American Chemical Society. 1999;121(9):1966-7. 

159. Kim MY, Maier CS, Reed DJ, Deinzer ML. Site-specific amide hydrogen/deuterium exchange in 

E. coli thioredoxins measured by electrospray ionization mass spectrometry. J Am Chem Soc. 

2001;123(40):9860-6. 

160. Kim M-Y, Maier CS, Reed DJ, Deinzer ML. Conformational changes in chemically modified 

Escherichia coli thioredoxin monitored by H/D exchange and electrospray ionization mass spectrometry. 

Protein Science. 2002;11(6):1320-9. 



Daniel T. W. Wollenberg  References 

Page | 45 

161. Kim M-Y, Maier CS, Reed DJ, Ho PS, Deinzer ML. Intramolecular Interactions in Chemically 

Modified Escherichia coli Thioredoxin Monitored by Hydrogen/Deuterium Exchange and Electrospray 

Ionization Mass Spectrometry. Biochemistry. 2001;40(48):14413-21. 

162. Jorgensen TJ, Bache N, Roepstorff P, Gardsvoll H, Ploug M. Collisional activation by MALDI 

tandem time-of-flight mass spectrometry induces intramolecular migration of amide hydrogens in 

protonated peptides. Molecular & cellular proteomics : MCP. 2005;4(12):1910-9. 

163. Demmers JA, Rijkers DT, Haverkamp J, Killian JA, Heck AJ. Factors affecting gas-phase 

deuterium scrambling in peptide ions and their implications for protein structure determination. J Am 

Chem Soc. 2002;124(37):11191-8. 

164. Johnson RS, Krylov D, Walsh KA. Proton mobility within electrosprayed peptide ions. Journal 

of Mass Spectrometry. 1995;30(2):386-7. 

165. Hoerner JK, Xiao H, Dobo A, Kaltashov IA. Is there hydrogen scrambling in the gas phase? 

Energetic and structural determinants of proton mobility within protein ions. J Am Chem Soc. 

2004;126(24):7709-17. 

166. Bache N, Rand KD, Roepstorff P, Jorgensen TJ. Gas-phase fragmentation of peptides by 

MALDI in-source decay with limited amide hydrogen (1H/2H) scrambling. Anal Chem. 

2008;80(16):6431-5. 

167. Rand KD, Lund FW, Amon S, Jørgensen TJD. Investigation of amide hydrogen back-exchange 

in Asp and His repeats measured by hydrogen (1H/2H) exchange mass spectrometry. International 

Journal of Mass Spectrometry. 2011;302(1–3):110-5. 

168. Harris T. Deuterium exchange reactions at the 2-position of imidazoles. Chemistry & industry. 

1965;41:1728-9. 

169. Miyagi M, Nakazawa T. Determination of p K a values of individual histidine residues in 

proteins using mass spectrometry. Analytical chemistry. 2008;80(17):6481-7. 

170. Loo JA, Udseth HR, Smith RD, Futrell JH. Collisional effects on the charge distribution of ions 

from large molecules, formed by electrospray-ionization mass spectrometry. Rapid Communications in 

Mass Spectrometry. 1988;2(10):207-10. 

171. Thomson BA. Declustering and fragmentation of protein ions from an electrospray ion source. 

Journal of the American Society for Mass Spectrometry. 1997;8(10):1053-8. 

172. Maity H, Maity M, Krishna MMG, Mayne L, Englander SW. Protein folding: The stepwise 

assembly of foldon units. Proceedings of the National Academy of Sciences. 2005;102(13):4741-6. 

173. Bayat P, Lesage D, Cole RB. TUTORIAL: ION ACTIVATION IN TANDEM MASS 

SPECTROMETRY USING ULTRA‐HIGH RESOLUTION INSTRUMENTATION. Mass 

Spectrometry Reviews. 2020;39(5-6):680-702. 

174. Goeringer DE, McLuckey SA. Relaxation of internally excited high-mass ions simulated under 

typical quadrupole ion trap storage conditions. International Journal of Mass Spectrometry. 

1998;177(2):163-74. 

175. Stiving AQ, Harvey SR, Jones BJ, Bellina B, Brown JM, Barran PE, et al. Coupling 193 nm 

Ultraviolet Photodissociation and Ion Mobility for Sequence Characterization of Conformationally-

Selected Peptides. J Am Soc Mass Spectrom. 2020;31(11):2313-20. 

176. Halim MA, MacAleese L, Lemoine J, Antoine R, Dugourd P, Girod M. Ultraviolet, Infrared, 

and High-Low Energy Photodissociation of Post-Translationally Modified Peptides. J Am Soc Mass 

Spectrom. 2018;29(2):270-83. 

177. Savitski MM, Kjeldsen F, Nielsen ML, Zubarev RA. Hydrogen Rearrangement to and from 

Radical z Fragments in Electron Capture Dissociation of Peptides. Journal of the American Society for 

Mass Spectrometry. 2007;18(1):113-20. 

178. O’Connor PB, Lin C, Cournoyer JJ, Pittman JL, Belyayev M, Budnik BA. Long-lived electron 

capture dissociation product ions experience radical migration via hydrogen abstraction. Journal of the 

American Society for Mass Spectrometry. 2006;17(4):576-85. 



Daniel T. W. Wollenberg  References 

Page | 46 

179. Kolbowski L, Belsom A, Rappsilber J. Ultraviolet Photodissociation of Tryptic Peptide 

Backbones at 213 nm. J Am Soc Mass Spectrom. 2020;31(6):1282-90. 

180. Pan J, Zhang S, Chou A, Borchers CH. Higher-order structural interrogation of antibodies using 

middle-down hydrogen/deuterium exchange mass spectrometry. Chemical Science. 2016;7(2):1480-6. 

181. Karch KR, Coradin M, Zandarashvili L, Kan ZY, Gerace M, Englander SW, et al. Hydrogen-

Deuterium Exchange Coupled to Top- and Middle-Down Mass Spectrometry Reveals Histone Tail 

Dynamics before and after Nucleosome Assembly. Structure. 2018;26(12):1651-63 e3. 

182. Pandeswari PB, Sabareesh V. Middle-down approach: a choice to sequence and characterize 

proteins/proteomes by mass spectrometry. RSC Advances. 2019;9(1):313-44. 

183. Pang Y, Wang WH, Reid GE, Hunt DF, Bruening ML. Pepsin-Containing Membranes for 

Controlled Monoclonal Antibody Digestion Prior to Mass Spectrometry Analysis. Anal Chem. 

2015;87(21):10942-9. 

184. Jönsson A, Svejdal RR, Bøgelund N, Nguyen TTTN, Flindt H, Kutter JP, et al. Thiol-ene 

Monolithic Pepsin Microreactor with a 3D-Printed Interface for Efficient UPLC-MS Peptide Mapping 

Analyses. Analytical Chemistry. 2017;89(8):4573-80. 

 

  



Daniel T. W. Wollenberg  Appendix I-II 

Page | 47 

6 Appendix I-II 
 

Appendix I Wollenberg, D. T. W.; Pengelley, S.; Mouritsen, J. C.; Suckau, D.; 

Jørgensen, C. I.; Jørgensen, T. J. D. "Avoiding H/D Scrambling with 

Minimal Ion Transmission Loss for HDX-MS/MS-ETD Analysis on a 

High-Resolution Q-TOF Mass Spectrometer." Anal. Chem. 2020, 92 

(11), 7453–7461. 

 

Appendix II Modzel, M.#; Wollenberg, D. T. W.#; Trelle, M. B.; Larsen, M. R.; 

Jørgensen, T. J. D. "Ultraviolet Photodissociation of Protonated Peptides 

and Proteins Can Proceed with H/D Scrambling." Anal. Chem. 2021, 93 

(2), 691–696. 

   
# M.M. and D.T.W.W. contributed equally to this work. 

  





Daniel T. W. Wollenberg  Appendix I-II 

 

 

 

 Appendix 

 

 

 

 

 

Daniel T. Weltz Wollenberg, Stuart Pengelley, Jeppe Christian Mouritsen, Detlev Suckau, Christian Isak 
Jørgensen, & Thomas J. D. Jørgensen 

Avoiding H/D Scrambling with Minimal Ion Transmission 
Loss for HDX-MS/MS-ETD Analysis on a High-Resolution 

Q-TOF Mass Spectrometer 

Anal. Chem. 2020, 92 (11), 7453–7461. 

  



Avoiding H/D Scrambling with Minimal Ion Transmission Loss for
HDX-MS/MS-ETD Analysis on a High-Resolution Q‑TOF Mass
Spectrometer
Daniel T. Weltz Wollenberg, Stuart Pengelley, Jeppe Christian Mouritsen, Detlev Suckau,
Christian Isak Jørgensen, and Thomas J. D. Jørgensen*

Read Online

ACCESS Metrics & More Article Recommendations *sı Supporting Information

ABSTRACT: Hydrogen/deuterium exchange monitored by mass
spectrometry (HDX-MS) enables the study of protein dynamics by
measuring the time-resolved deuterium incorporation into a
protein incubated in D2O. Using electron-based fragmentation in
the gas phase it is possible to measure deuterium uptake at single-
residue resolution. However, a prerequisite for this approach is that
the solution-phase labeling is conserved in the gas phase prior to
precursor fragmentation. It is therefore essential to reduce or even
avoid intramolecular hydrogen/deuterium migration, which causes
randomization of the deuterium labels along the peptide (hydrogen
scrambling). Here, we describe an optimization strategy for
reducing scrambling to a negligible level while minimizing the impact on sensitivity on a high-resolution Q-TOF equipped with
ETD and an electrospray ionization interface consisting of a glass transfer capillary followed by a dual ion funnel. In our strategy we
narrowed down the optimization to two accelerating potentials, and we defined the optimization of these in a simple rule by
accounting for their interdependency in relation to scrambling and transmission efficiency. Using this rule, we were able to reduce
scrambling from 75% to below 5% on average using the highly scrambling-sensitive quadruply charged P1 peptide scrambling probe
resulting in a minor 33% transmission loss. To demonstrate the applicability of this approach, we probe the dynamics of certain
regions in cytochrome c.

HDX-MS has proven to be a versatile method for
investigating the conformational properties of proteins

as well as protein−ligand interactions, providing the benefits of
high sensitivity and the possibility to study very large protein
complexes. In the classical approach initially developed by
Zhang and Smith and further developed by Johnson and
Walsh, isotopic exchange is initiated by transferring the
protein into D2O, and after various periods of deuteration, the
exchange reaction is quenched by acidification and cooling
followed by proteolytic digestion and LC-MS analysis.
However, this approach is in general limited in resolution
(i.e., the ability to localize incorporated deuterium atoms to
specific residues), as defined by the size and number of
proteolytic peptides with overlapping sequences. While several
computational approaches have been developed for enhancing
the resolution in HDX-MS data sets, HDX-MS/MS has
the potential for direct measurement of exchange rates at
single-residue resolution. With this approach, site-specific
deuterium levels are obtained from fragmentation of the
labeled peptide/protein in the mass spectrometer, yielding a
series of sequence fragment ions. However, a complicating
factor for the implementation of HDX-MS/MS methodologies
is the risk of intramolecular hydrogen/deuterium migration

caused by excessive collisional heating of the analytes in the gas
phase. Such heating results in a positional randomization of the
isotopic labeling, a process termed hydrogen scrambling.
Thus, negligible hydrogen scrambling is a prerequisite for using
HDX-MS/MS as a tool for improving the resolution. In this
regard, it should be noted that collision-induced dissociation
(CID) cannot be used as a fragmentation method of
protonated peptides to improve the resolution by HDX-MS/
MS as it causes extensive scrambling in both positive- and
negative-mode MS. However, prompt gas-phase
fragmentation techniques such as MALDI-ISD, electron-
based fragmentation (ECD/ETD), and more recently ultra-
violet photodissociation (UVPD) occur without inducing
hydrogen scrambling. Importantly, hydrogen scrambling
is likely to occur in the ion source and in high-pressure ion
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transmission stages prior to fragmentation unless the level of
vibrational excitation is carefully kept in check. Indeed,
standard instrumental settings in normal proteomics experi-
ments are often relatively harsh with respect to vibrational
excitation to ensure maximal sensitivity (i.e., optimal ion
desolvation, ion transmission, and fragmentation). Conse-
quently, standard settings usually result in scrambling due to
excessive vibrational excitation caused by collisional activation
of ions during their acceleration in high-pressure re-
gions. However, the extent of hydrogen scrambling
and the specific parameters which are important for its control
are highly dependent on instrument design. Therefore, for a
given instrument design it is important to investigate the

sensitivity to hydrogen scrambling, to identify the parameters
that are important for minimizing scrambling, and to identify
the parameter values resulting in a negligible amount of
scrambling. Several mass spectrometers with different config-
urations have been optimized in this way previously to
minimize hydrogen scrambling but at a significant cost to ion
transmission.
Here, we analyzed the influence of ion source desolvation

parameters and certain ion optic potentials on the extent of
hydrogen scrambling and signal attenuation in a model peptide
for a Bruker maXis II Q-TOF mass spectrometer. We
identified conditions for minimal hydrogen scrambling at a
low cost to transmission, hereby demonstrating the feasibility

Figure 1. Measuring hydrogen scrambling using peptide P1 with the maXis II quadrupole time-of-flight (Q-TOF) mass spectrometer. Due to large
differences in the chemical exchange rates of the backbone amides in peptide P1 it can be selectively labeled by D-to-H exchange in electrospray
solvent such that only the amides in the C-terminal half are deuterated. Illustration of the selective labeling of the backbone amides of peptide P1,
sequence HHHHHHIIKIIK (a). ETD mass spectra of the c6 fragment ion obtained from the selectively labeled P1 at mild (b) or harsh (c)
instrumental settings; see text for details. Inset illustrates the labeling pattern of P1 prior to fragmentation by ETD; backbone amide deuterium
atoms are indicated by the red color and protium atoms by the blue. Schematic diagram of the experimental setup and the maXis II mass
spectrometer (d). Peptide P1 is infused directly into the ion source using a syringe pump; sample is cooled with a sandwich of zip-lock bags
containing dry ice. Ion energy and collision energy accelerating potentials showed a large influence on hydrogen scrambling. Drawing is not to scale
(d).
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of coupling ETD and HDX-MS for single-residue resolution
HDX at high sensitivity. In addition, we demonstrate the
usefulness of our approach by measuring site-specific
deuterium levels in certain regions of cytochrome c.

■ EXPERIMENTAL SECTION
Peptide MS. A stock solution of 100 μM fully deuterated

peptide P1 with the sequence HHHHHHIIKIIK (Genscript
Corp., Piscataway, NJ, USA) was prepared by dissolution of
lyophilized peptide in 99.9% D2O (Sigma-Aldrich, St. Louis,
MO, USA) and incubation at 4 °C for 24 h. The method for
selective labeling of peptide P1 has been described
previously. Briefly, selectively labeled peptide was produced
by 50-fold dilution of the fully deuterated stock solution into
an acidic water−methanol ESI solvent (0.5 M acetic acid in
50% MeOH (v/v, pH 2.5)) followed by a short mixing step
and immediate loading onto a precooled syringe (825RN;
Hamilton, Reno, NV, USA) for direct infusion. Equilibrated
samples of peptide P1 were prepared by incubation of the
diluted peptide solution in ESI solvent for 20 h at 25 °C. The
average mass increase per labile hydrogen of the diluted
peptide P1 after equilibration in ESI solvent was exper-
imentally determined based on the charge-reduced species in
MS2 or from the precursor ion in MS1; this value was on
average 0.045 Da ± 0.01.
Injection was controlled using a syringe pump (KD

Scientific, Holliston, MA, USA), and the syringe was cooled
by placing zip-lock bags containing pulverized dry ice on top
and underneath the glass cylinder (Figure 1d). Labeled peptide
was infused into a maXis II ETD quadrupole time-of-flight (Q-
TOF) mass spectrometer (Bruker Daltonik GmbH, Bremen,
Germany) at 10 μL/min using PEEK tubing of 26 cm in length
and 0.005 in. i.d. Between each injection the syringe was
washed in 3 × 250 μL of 100% MeOH, and the transfer line
was washed once with 250 μL of 100% MeOH. Upon starting
a new injection, the system was allowed to equilibrate until the
TIC was stable.
ETD reagent (3,4-hexanedione, 95%; Sigma-Aldrich) was

introduced into the electron attachment ion source by a flow of
methane gas into the reagent vial. Radical anions were formed
in the electron attachment ion source by emission of electrons
from the thermionic cathode which was operated at a
maximum emission current of 5 μA and an ionization energy
of 70 eV. Methane saturation was set to 16%. Reagent injection
time and reaction time were set to 50 ms for the quadruply
charged precursor. The quadruply protonated precursor was
isolated in the quadrupole using an isolation window width of
±5 m/z units, and both MS and MS/MS scans were made in a
range of 50−2000 m/z. The dry gas flow was set to 4 L/min.
In order to arrive at a set of parameter settings which

produced negligible hydrogen scrambling, the following ion
source and ion optic potentials were systematically varied while
carefully monitoring the degree of hydrogen scrambling. The
following instrument setting ranges were tested; the settings in
parentheses indicate the default value which take effect when
varying another parameter (unless otherwise noted): nebulizer
pressure 0.1−1.6 bar (0.4 bar), dry gas temperature 160−200
°C (200 °C), ion energy 1−4 eV (2 eV), collision energy 1−8
eV (2 eV). The parameter ion energy is used to accelerate ions
into the quadrupole, while the collision energy is used to
accelerate ions into the collision cell (Figure 1d). If CID gas is
turned on, the collision energy controls the incident kinetic
energy of the precursor ions into the gas-filled collision cell;

hence, this parameter determines the extent of fragmentation.
However, even when CID is turned off, the pressure in the
collision cell serves to trap ions during ETD in addition to
facilitating collisional cooling of the analytes prior to
orthogonal acceleration into the TOF mass analyzer. There-
fore, the collision cell is kept at elevated pressures compared to
the quadrupole region, even during ETD. Remaining,
unaltered settings are reported in Table S1.
Protein MS. A stock solution of 2 mM fully deuterated

cytochrome c was prepared by dissolution of the lyophilized
protein (cytochrome c from equine heart, 95%; Sigma-Aldrich)
into 50 mM potassium phosphate in D2O at pH 7.0
(uncorrected pH meter reading in D2O) (99.8 D atom %)
and incubation at 60 °C for 3 h. Further sample preparation
and liquid chromatography (LC) separation was carried out on
a PAL RTC liquid handler for HDX (LEAP Technologies
Inc.). Native state D-to-H exchange was initiated by 50-fold
dilution of the fully deuterium-labeled cytochrome c into 50
mM potassium phosphate pH 7.0 in H2O at 20 °C. After 20
min of exchange the solution was quenched by diluting a 1:1.6
into 1.6 M guanidinium hydrochloride in 2.5% formic acid for
a final pH of 2.5 at 1 °C. Online digestion was done on a
composite protease XVIII/pepsin column (1:1) (NovaBio-
Assays LLC, Woburn, MA, USA) at 9.5 °C at a flow of 0.2
mL/min using a mobile phase of 0.3% formic acid in H2O.
Desalting was done using a Van Guard Acquity UPLC BEH
C18 1.7 μm trap column (Waters, Milford, MA, USA) at 0.2
mL/min; the total digest and desalting time was 3 min. The
LC system was run using mobile phases of 0.3% formic acid in
H2O (Solvent A) and 0.3% formic acid in acetonitrile (solvent
B) using a gradient from 5% to 20% solvent B over 12 min at a
flow of 0.1 mL/min. The analytical column used was a BEH
C18 2.1 × 50 mm 1.7 μm (Waters). The maXis II ETD mass
spectrometer (Bruker Daltonik) was used as the detector. The
dry gas temperature was 190 °C, dry gas flow was 3.5 L/min,
nebulizer pressure was 0.4 bar, capillary voltage was 4000 V,
and end plate offset was 500 V. Ion energy was set to 1 V, and
collision energy was set to 2 V. For ETD, the reagent injection
was set to 35 ms and the extended reaction time was 50 ms. A
short list of peptides was selected for ETD fragmentation.
Data Analysis. Data preprocessing for peptide P1 was

performed using Genedata Expressionist (Genedata AG, Basel,
Switzerland) including spectral averaging, centroiding, and
conversion from vendor format to csv-formated files, which
were used for subsequent data analysis. Data from cytochrome
c runs were preprocessed in DataAnalysis (Bruker Daltonik)
and exported as peak lists in csv format. The in-house-
developed web application ScramblR (http://scramblr.
proteinms.com) was used for further processing of the peak
lists. Briefly, average masses were calculated based on intensity-
weighted centroid masses, and the deuterium content of the
ETD product ions was calculated as the difference between the
corresponding ions of the selectively labeled sample and the
equilibrated sample. Hydrogen scrambling was quantified using
the theoretical model as described previously. Briefly, eq 1
describes the theoretical mass difference for each ion at 0%
scrambling (Δm0%)

Δ = Δ − + Δ

− Δ −

m m n n
n
n

m

m n n

( ) (

( ))

0% eq txf sxf
sxf

sxp
precursor

eq txp sxp (1)
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where Δmeq is the background deuterium content per
exchangeable hydrogen at equilibrium after dilution of the
stock into ESI solvent, ntxf is the total number of exchangeable
hydrogens in each fragment ion, and nsxf is the number of slow-
exchanging hydrogens in each fragment ion. Thus, in the first
term each fast-exchanging hydrogen is assigned an amount of
deuterium corresponding to the background deuterium level
after equilibration. The second term describes the behavior of
the slow-exchanging hydrogens which are all located in the C-
terminal half of peptide P1. nsxp is the number of slow-
exchanging hydrogens in the precursor, Δmprecursor is the
deuterium content in the labeled peptide P1, ntxp is the total
number of exchangeable hydrogens in the precursor ion, and
nsxp is the number of slow-exchanging hydrogens in the
precursor ion. Thus, (ntxp − nsxp)Δmeq is the amount of
deuterium that is already assigned to the fast-exchanging
hydrogens. nsxf/nsxp is the fraction of slow-exchanging hydro-
gens in a given fragment out of the total number of slow-
exchanging hydrogens; this term becomes zero if no slow-
exchanging hydrogens are present in the fragment. Thus, in the
second term the deuterium that is not assigned to any fast-
exchanging hydrogens is distributed evenly across the slow-
exchanging hydrogens.
The mass difference for 100% scrambling (Δm100%) is given

by eq 2

Δ = ·Δm
n
n

m100%
txf

txp
precursor

(2)

Thus, eq 2 assumes that in the event of 100% scrambling all
deuterium is evenly distributed across all exchangeable sites of
a fragment ion. In order to compare measurements with
variations in precursor deuterium content, the percent
scrambling (Pscr) is calculated using eq 3

=
Δ − Δ

Δ − Δ
×P

m m

m m
100scr

exp 0%

100% 0% (3)

where Δmexp is the experimentally measured deuterium
content for a given fragment ion.
All scrambling values are reported as an average of the

scrambling observed for the c2−c6 fragment ions over three
injections. The reported intensity values are the summed
intensity over the isotopic envelope of the singly charge-
reduced precursor ion formed by nondissociative electron
transfer (ETnoD) or proton transfer averaged over three
injections. Response surface regressions were made using
MATLAB version R2019a Update 1 (see Supporting
Information).

■ RESULTS AND DISCUSSION
Peptide P1 (sequence HHHHHHIIKIIK) was developed to
accurately measure the level of hydrogen scrambling upon gas-
phase ion activation in mass spectrometers. An annotated
MS1 spectrum of nonlabeled peptide P1 is available in Figure
S1; we observed peptide P1 in charge state 2−5+ with the 4+
charge state being the most abundant. We also observed some
peaks which could be tentatively assigned as solvent
clusters. Peptide P1 is regioselectively labeled by diluting
the fully deuterated peptide into a cold acidic methanolic
quench solution. Due to the difference in the chemical
exchange rate of the residues in the N- and C-terminal halves,
deuterium is retained in the C-terminal half for minutes to
hours at quench conditions while the N-terminal half will be

completely exchanged within seconds and hence devoid of the
initial deuterium atoms (i.e., equilibrium labeled with a
uniform labeling reflecting the solution atom D%). The
large difference in chemical exchange rate between the amides
in the N-terminal and C-terminal regions is due to the fact that
the side chain of histidine accelerates the chemical exchange
rate of the amide backbone hydrogen while the bulky
isoleucine slows down the exchange rate. By measuring
the deuterium content of the precursor ion and fragment ions
in MS/MS experiments, the extent of hydrogen scrambling can
be accurately quantified (Figure 1a−c). The extent of
hydrogen scrambling is measured on a scale between the
selectively labeled state (i.e., 0% scrambling, Figure 1b inset)
and the scrambled state (Figure 1c inset) where all isotope
labels are positionally randomized over all labile sites (i.e., all
exchangeable hydrogen). The scrambling that is detected in
HDX-MS/MS could potentially occur at any point in the ion
path between desolvation and fragmentation, so it is therefore
important to consider the analyte ions path through the
instrument. In the maXis II ETD mass spectrometer ions are
sprayed into the spray chamber. Between the spray shield and
the capillary cap is a countercurrent flow of heated nitrogen
drying gas. From the glass transfer capillary, the ions are
transferred through a dual-ion funnel into a hexapole ion guide
and then into a quadrupole and through the hexapole collision
cell before they enter the TOF region, consisting of an
orthogonal accelerator, a reflector, and a detector (Figure 1d).
Of the five instrumental parameters that were investigated
here, only the ion energy and collision energy were identified
as important for limiting hydrogen scrambling.
Mass spectrometer parameters are usually optimized for high

sensitivity, that is the highest possible ion transmission.
However, such settings are also relatively “harsh” in terms of
increasing the internal energy of the analytes. Using these
“harsh” conditions (ion energy 4 eV, collision energy 8 eV)
almost complete scrambling was observed (Figure 2a), while at
less transmissive “mild” conditions (ion energy 1 eV, collision
energy 1 eV) ∼4.8% scrambling was observed for the
quadruply charged precursor of P1 (Figure 2b). Within the
parameter range tested, both accelerating potentials and the
extent of hydrogen scrambling had a cumulative effect. Thus, a
given amount of acceleration introduced across the two
parameters (i.e., ion energy and collision energy) produced an
equivalent level of hydrogen scrambling at least between 1 and
4 eV (Figure 3). This effect indicates that there is no significant
increase in the level of scrambling from the additional distance
traveled at a higher velocity through the quadrupole. This in
turn suggests that the majority of the collisional activation is
induced in the collision cell prior to fragmentation. This is in
line with the fact that the pressure in the collision cell is more
than 2 orders of magnitude higher than that in the quadrupole
region. In addition, a previous study has reported the
occurrence of hydrogen scrambling for P1 at pressures as
low as ∼1 × 10−3 mbar, which is even lower than the ∼8 ×
10−3 mbar usually observed in the collision cell of the maXis II
ETD. In contrast to some other instrument designs, e.g.,
those employing a heated capillary, the ion source
parameters, such as the dry gas temperature (Figure 4a) and
the nebulizer pressure (Figure 4b), do not influence
scrambling within the range usually employed for HDX-MS.
Likewise, the flow rate of dry gas into the ion source did not
influence the level of scrambling at 4−9 L/min (data not
shown).
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Peptic peptides are the typical analytes in bottom-up HDX-
MS experiments; in ESI-MS these peptides produce mainly
multiply charged (+2, +3, +4) ions. This is important in the
context of HDX-MS/MS analyses since it has been shown that
quadruply charged peptide ions are more sensitive to hydrogen
scrambling than their triply charged equivalent. This
difference can be attributed to the fact that an ion of equal
mass but higher charge state will gain more kinetic energy
when accelerated in the mass spectrometer by an equal
electrostatic or electrodynamic potential. The higher kinetic
energy will result in more energetic collisions with neutral gas
molecules in the transmission path and result in a hotter ion.
Furthermore, Wysoki and co-workers have shown significantly
increased proton mobility for higher charge states (doubly
protonated vs singly protonated peptides) at identical kinetic
energy in CID experiments. The increased propensity for
scrambling at higher charge states is therefore caused by two

factors: more energetic collisions and increased proton
mobility due to the additional proton. In order to show the
feasibility of using peptide analytes with a high charge density,
it is therefore beneficial to show a negligible level of scrambling
for the quadruply protonated peptide P1 in HDX-MS/MS
analysis. In most cases, this is not trivial given the loss of
transmission efficiency that is associated with tuning an
instrument for low hydrogen scrambling. However, we were
able to obtain an average level of scrambling of ∼4.8% using
the quadruply charged P1 on maXis II ETD at a 33%
transmission loss relative to the optimal settings for high
sensitivity when using an ion energy and collision energy of 1
eV (Figure 3). The less scrambling-sensitive triply protonated
P1 was previously used for optimization on a 7-T LTQ FT
(ECD) and an LTQ Orbitrap XL ETD where a transmission
loss between 50% and 66% was reported. Previous results
for the SYNAPT G2 suggest a ∼77% transmission loss for
obtaining scrambling values below 5% for the triply charged
precursor. For the successor SYNAPT G2-Si a 66%
reduction in transmission has been reported upon reducing
scrambling values to below 10% for the triply protonated
peptide P1. These results show that the maXis II ETD Q-
TOF instrument can generate cold ions even for the quadruply
protonated P1 with uniquely low loss of ion transmission. The
ability of an electrospray ion source to generate cold ions shifts
the charge state distribution toward higher values. The
observation of the unprecedented high charge state for P1 of
quintuple protonation (+5 at m/z 310.78 (monoisotopic),
Figure S1) provides further support for the exceptional ability
of our ion source to generate abundant cold ions. In addition,
because low scrambling settings could be obtained by adjusting
the ion energy and collision energy only, the ion source
parameters were kept at conditions for optimal desolvation of
ions. The cumulative response on scrambling from ion energy
and collision energy acceleration between 1 and 4 eV is
reflected in the response surface regression by the scrambling
isolines approximately forming diagonal lines through this
range (Figure 5a). Importantly, the transmission in MS/MS
was more efficient for low ion energy to collision energy ratios
than vice versa as indicated by the transmission isolines in
Figure 5b. Therefore, when finding a balance between
scrambling and transmission it is generally advisible to set
the ion energy at 1 eV and gradually increase the collision
energy up to a point where the level of scrambling is still
acceptable for a given application. This in turn simplifies the
managing of scrambling and makes tuning for less scrambling-
sensitive analytes easy by monitoring any deuterium loss
caused by the loss of ammonia from the precursor ion in ETD
spectra. Briefly, this strategy relies on quantifying the
deuterium loss from elimination of NH3 from the N-terminus
and lysine side chains of the charge-reduced species, which will
only contain deuterium in the event of H/D scrambling, see
Figure S3 and Table S3.
To demonstrate the applicability of our current method-

ology, we probed the dynamics of certain regions in
cytochrome c. Figure 6 shows the deuterium content of the
c/z ions obtained from ETD of the peptide 83AGIKKKTER-
EDL94 (annotated ETD spectrum in Figure S4) obtained from
native-state D-to-H exchange of cytochrome c. The N-terminal
residues of this peptide (shown in italics) are part of an omega
loop which is one of the most dynamic regions in cytochrome
c, while the C-terminal residues (shown in bold) are part of the
N/C-bihelical unit which is the most stable region in

Figure 2. Deuterium content of the fragment ions c1−c8 recorded by
subjecting the selectively labeled, quadruply charged peptide P1
(HHHHHHIIKIIK) to ETD at (a) harsh and (b) mild ion energy
and collision energy settings; see text for details. Observed deuterium
content (blue) is plotted along with the theoretical deuterium content
for 0% (green line) and 100% scrambling (red line). For c1−c6 the 0%
scrambling profile (green line) represents the background deuterium
in the equilibrated peptide after dilution in ESI solvent; ∼75%
scrambling is observed at harsh conditions, whereas ∼4.8% is
observed at gentle conditions. Annotated ETD spectra of the mild
and harsh conditions are available in Figure S2.
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cytochrome c (Figure S5). The backbone amide groups of
the C-terminal residues are thus strongly protected against
isotopic exchange. Therefore, they retain their deuterium label
for 20 min of native state D-to-H exchange as evidenced by the
marked increase in the D content from c7 to c11 and the similar
increase in the corresponding observed complementary z ions
(z3 to z5). In contrast, the N-terminal residues of

83AGIKKK-
TEREDL94 (except for I85) are not protected against
exchange, and they undergo rapid and complete D-to-H
exchange within 20 min, thereby yielding an almost horizontal

Figure 3. Average level of scrambling for the c2−c6 fragment ion (yellow) recorded by subjecting the selectively labeled, quadruply charged peptide
P1 (HHHHHHIIKIIK) to ETD at different ion energy and collision energy settings. Summed intensity of the charge-reduced species during ETD
(blue). All data were measured in triplicate.

Figure 4. Level of scrambling for the c4 fragment ion (yellow)
obtained by ETD of the selectively labeled, quadruply charged peptide
P1 (HHHHHHIIKIIK) at different dry gas temperatures (a) or at
different nebulizer pressures (b). Summed intensity of the singly
charge reduced precursor and annotated c-ion fragments (blue). All
data were measured in triplicate.

Figure 5. Response surface contour plot showing the influence of
varying ion energy and collision energy potentials on the level of
hydrogen scrambling (a) and ion transmission (b) for ETD spectra of
the quadruply charged precursor of peptide P1. Black lines are
isolines. Scrambling values are averages for the c2−c6 fragment ions
over three injections. Intensity values are averages of the summed
intensity over the envelope of the proton transfer product and singly
charge-reduced precursor ion produced by ETnoD.
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D content from c4 to c7 and from z5 to z10 (Figure 6a and 6b).
I85 serves as an anchor for the dynamic omega loop, and it is
the only residue in the N-terminal part that does not undergo
rapid exchange as evidenced by the stepwise increase in D
content from z10 to z11. Clearly, a nearly perfect correlation is
observed between the D content of the c/z ions and the D
content graph obtained from known NMR exchange rates
(compare blue line with green line in Figure 6a and 6b).
Similar results were obtained from the triply protonated
peptide (data not shown). The other investigated cytochrome

c peptide, 68LENPKKYIPGTK78, also exhibits an excellent
correlation (Figure S6). As a corollary, the level of hydrogen
scrambling in our measurements is evidently negligible
(compare the blue line with the red line in Figure 6a and 6b
and Figure S6). In this regard, we note that Hamuro et al.
recently reported a high level of scrambling in certain regions
of cytochrome c peptides where two or more lysine residues
locate in proximity. For example, residues from K87 to L94
and K72 to K73 were reported to be particularly prone to
scrambling, which prohibited site-specific measurements of
their D content by HDX-MS/MS-ETD. However, neither of
these lysine-rich regions display any propensity for increased
scrambling in our measurements (Figure 6a and 6b and Figure
S6). The virtual absence of scrambling in our cytochrome c
data highlights the importance of having a robust procedure
that allows for an easy optimization of the instrumental
conditions for achieving negligible scrambling in HDX-MS/
MS experiments. The current instrumental settings are also
directly transferrable to top-down HDX-MS/MS experiments,
and if increased sensitivity is required then we expect that
collision energy can be increased significantly without inducing
scrambling due to the decreasing center-of-mass collision
energy with increasing ion mass. We note in passing that,
except for I85, 83AGIKKKTEREDL94 exhibits coincidentally a
selective labeling pattern that is strikingly like the labeling
pattern of peptide P1. We therefore propose that this region in
cytochrome c will serve as a useful probe for the occurrence of
scrambling in top-down HDX-MS/MS experiments as the
onset of scrambling is readily detected due to the selective
labeling pattern of this region.
Gentle handling of ions is also important for other

applications in mass spectrometry; for instance, some
metabolites and post-translational modifications are especially
prone to fragmentation and require specific tuning of the mass
spectrometer to mild conditions to allow for their unambig-
uous detection. In native mass spectrometry, gentle ion
transport is important for conserving protein complexes in the
gas phase. Therefore, ion energy and collision energy should
also be considered for other applications, which rely on gentle
ion transport in this Q-TOF instrument.

■ CONCLUSIONS
Without proper control and optimization of a relevant ion
source or ion optical parameters, hydrogen scrambling can be
damaging to the localization of deuterium by HDX-MS/MS
even when appropriate fragmentation techniques are used. Our
study provides evidence that the parameters important for
scrambling in the investigated instrument design are unrelated
to the ion source but rather related to the ion transport after
desolvation. We demonstrated the feasibility of employing
HDX-MS/MS approaches on this Q-TOF-based system by
showing that a sensitive scrambling probe with a high charge
density can be analyzed with ETD at low scrambling
conditions with a relatively low impact on ion transmission.
At transmission-optimized conditions, ∼75% scrambling was
recorded for the quadruply charged precursor of P1, while at
scrambling-optimized conditions, ∼4.8% scrambling was
recorded. This optimization for low scrambling was associated
with a 33% reduction in transmission. We found that an
optimum between transmission efficiency and low scrambling
can be defined on a case-by-case basis by following the simple
rule of keeping the ion energy at 1 V and gradually increasing
the collision energy to the highest value at which scrambling

Figure 6. Deuterium levels reveal two regions of cytochrome c with
very different dynamics within the peptide 83AGIKKKTEREDL94.
Fragmentation scheme (a, inset) of quadruply protonated AGIKKK-
TEREDL by electron transfer dissociation, ETD. Deuterium levels of
c ions (a) and z ions (b) obtained from ETD of AGIKKKTEREDL
from cytochrome c after native state D-to-H exchange for 20 min at
pH 7.0, 20 °C (blue line) followed by pepsin proteolysis and LC-MS/
MS analysis at quench conditions. NMR deuterium levels (green line)
were obtained from cytochrome c exchange rates determined by
Milne et al. and adjusted for back exchange using exchange rates
from SPHERE based on Bai et al. Error bars represent ± s.d. for
measurements made in triplicate. Theoretical deuterium content in
the case of complete gas-phase H/D scrambling among all labile sites
in the peptide is indicated (red line). Note that cn contains the
backbone amide hydrogens of residue No. 1 to n + 1 in the peptide
(No. 1 is the N-terminal residue for c ions), while zn contains the
backbone amide hydrogens of residue No. 1 to n − 1 (No. 1 is the C-
terminal residue for z ions). D content of the parent ion was 3.0 ± 0.1
Da.
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remains within an acceptable level. Furthermore, we
demonstrate the applicability of this approach by probing
certain regions in cytochrome c with single-residue resolution.
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Mass spectrometric parameters that were unaltered throughout the measurements are reported in Table S1. 

Table S1 Adjustable parameters in otofControl Source and Tune panes 
Parameter name Value Unit 
End plate offset 500 V 
Capillary 4500 V 
Funnel 1 RF 400 Vpp 
isCID 0 eV 
Multipole RF 800 Vpp 
Low Mass 300 m/z 
Collision RF 500 Vpp 
Transfer Time 55 µs 
Pre Pulse Storage 10 µs 
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A MS1 spectrum of the unlabeled P1 peptide is presented in Figure S1 including zooms on the observed charge 
states. 

 
Figure S1 MS1 of undeuterated P1 (sequence: HHHHHHIIKIIK). Zoom on mass range m/z 100-1000 with tentatively assigned 
solvent clusters based on 1, 2 (a). Zoom on charge states 2+ through 5+ in (b) through (e).  
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ETD spectra of the quadruply charged selectively labeled P1 peptide at “mild” (ion energy 1 eV, collision energy 1 
eV) and “harsh” (ion energy 4 eV, collision energy 8 eV) ion transport conditions has been annotated in Figure S2.  

 

Figure S2 ETD spectra of the selectively labeled quadruply charged precursor of P1 (sequence: HHHHHHIIKIIK) at mild (ion 
energy 1 eV, collision energy 1 eV) (a) and harsh (ion energy 4 eV, collision energy 8 eV) (b) conditions. c- and z-ion fragments 
are annotated and the charge state and m/z (of the dominant peak in each isotopic envelope) is indicated in the annotations.  
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The response surface regressions in Figure 5 were made using the curve fitting tool in MATLAB version R2019a 
Update 1. The polynomial fits were found by constructing a third-degree polynomial and gradually removing the 
higher-order coefficients until an optimum for sum of squared errors (SSE), R2, adjusted R2 and the root mean squared 
error (RMSE) was reached. For the scrambling response surface triplicate scrambling values for the c2-c6 fragment 
ions from the quadruply charged precursor of P1 was used. The fit criterion was minimization of the squared 
differences of the residuals. For the intensity response surface triplicate values of the singly charge reduced species 
from ETnoD of the quadruply charged precursor of P1 was used. The fit criterion was minimization of the absolute 
difference of the residuals (LAR algorithm), this was done to reduce the effect of extreme values on the fit. The 
summary statistics for the regressions are listed in Table S2. 

Table S2 Summary statistics for the surface regressions on the scrambling and intensity response from varying collision energy 
(x) and ion energy (y). Contour plots of the regressions are presented in Figure 5. 

Response Fit type SSE R2 DFE Adj. R2 RMSE # Coeff 
Scrambling Ὢ(ὼ, ώ) =  ὴ00 + ὴ10 · ὼ + ὴ01 · ώ + ὴ20

· ὼ2 + ὴ11 · ὼ · ώ
+ ὴ02 · ώ2 + ὴ21 · ὼ2
· ώ + ὴ12 · ὼ · ώ2 

9.7·103 0.94 321 0.93 5.5 9 

Intensity Ὢ(ὼ, ώ) =  ὴ00 + ὴ10 · ὼ + ὴ01 · ώ + ὴ20
· ὼ2 + ὴ11 · ὼ · ώ
+ ὴ02 · ώ2 + ὴ30 · ὼ3  
+ ὴ21 · ὼ2 · ώ + ὴ12
· ὼ · ώ2 

5.479·109 0.93 58 0.93 9.72·103 8 
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In Figure S3 it is shown how the amount of deuterium lost due to elimination of ammonia from the reduced species 
in ETD can be related to hydrogen scrambling. This strategy quantifies the deuteration loss from elimination of 
ammonia from the charge reduced species. Most of this ammonia loss originates from the loss of ammonia from the 
peptide N-terminus and to a minor extent from the lysine side chains. Given that these groups exchange rapidly in 
the solution phase and thus are depleted of deuterium before MS analysis, they should contain no deuterium if no 
scrambling has occurred. However, if H/D scrambling happens in the gas-phase prior to ETD some of the deuterium 
will have migrated to these groups due to random migration. Consequently, this ammonia loss can be used as an 
inherent reporter of scrambling. Since the labeling should be randomized in the event of hydrogen scrambling the 
deuterium loss from elimination of ammonia is easily calculated, 

Ὀ ,   100% =
Ὀ   
ὲ  ℎ

× 3 

where Dcontent in RS is the deuterium content in the charge reduced species resulting from ETnoD and nlabile hydrogen is the 
number of hydrogens bound to O, N or S in the gaseous peptide 3. The value is multiplied by the number of labile 
hydrogens in the neutral loss, i.e. 3 for NH3.  

 

Figure S3 (a) Illustration of how the ammonium loss during ETD can be used as a reporter of hydrogen scrambling in HDX-
ETD-MS (adapted from 3). (b-d) Comprise ETD spectra of the quadruply charged peptide P1, the first row is the unlabeled 
spectrum, second row is the selectively labeled spectrum at low scrambling, and third row is the selectively labeled spectrum at 
high scrambling as illustrated by the insets. The first column is the c4-ion (c4), second column is the ammonia deficient charge 
reduced species (RS-NH3)3+ and the third column is the charge reduced species (RS3+). Centroids are marked by the dotted red 
line. Hydrogen scrambling can be detected by the increase in deuterium in the c4-ion relative to the equilibrated P1 and by the 
decrease in deuterium content from elimination of ammonia from the reduced species in (c) and (d). 
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In Table S3 the example from Figure S3 is calculated to show that the “mild” and “harsh” condition indeed exhibit a 
low and high deuterium loss from elimination of ammonia respectively. 

Table S3 Calculated example of scrambling estimation from elimination of ammonia from the reduced species (RS) in ETD at 
mild and harsh ion transport conditions. The calculations are based on the spectra shown in Figure S3. 

Condition Ion energy 
(eV) 

Collision energy 
(eV) 

z # labile 
hydrogens a 

Dcontent 
in RS b 

Dcontent in 
RS-NH3 c 

Exp. 
Dloss d 

Calculated Dloss, 
100% scrambling e 

Mild 1 1 3 27 3.4 3.3 0.1 0.4 
Harsh 4 8 3 27 3.3 2.9 0.4 0.4 

a Number of labile hydrogens in the peptide ion. b Deuterium content of the reduced species in ETD relative to the unlabeled 
control. c Deuterium content in the ammonia deficient ion relative to the unlabeled control. d Experimentally determined 
deuterium loss from elimination of ammonia. e Calculated deuterium loss from elimination of ammonia in the event of 100% 
hydrogen scrambling. 
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An ETD mass spectrum of the quadruply charged cytochrome c peptide 83AGIKKKTEREDL94 is presented in Figure 
S4 along with annotations of c/z ions and the precursor ion.  

 

Figure S4 ETD spectrum of the quadruply charged unlabeled 83AGIKKKTEREDL94 peptide from cytochrome c. Single and 
double charged c- and z-ions are annotated with their observed monoisotopic mass. The precursor ion (M, z=4, m/z=347.705) 
and the charge reduced species are annotated as well. The two panels in the bottom show zooms on parts of the full spectrum 
where fragment ions were spaced particularly close but still with baseline separation.   
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A solution NMR structure of the horse heart cytochrome c is presented in Figure S5. Two peptides which have been analyzed in 
this study are highlighted. The peptide 83AGIKKKTEREDL94 is highlighted partly in red (italic letters) and partly in blue (bold 
letters). The peptide 68LENPKKYIPGTK78 is highlighted in purple. 

 

Figure S5 Solution structure of horse heart cytochrome c (PDB ID:1AKK) from Banci et al.4. The peptide 83AGIKKKTEREDL94 
is highlighted partly in red (italic letters) and blue (bold letters). The peptide 68LENPKKYIPGTK78 is highlighted in purple. The 
two peptides have been analyzed in the present study using HDX-ETD-MS, please refer to the main paper for our discussion of 
the results. Data for 83AGIKKKTEREDL94 is presented in Figure S4 and Figure 6. Data for 68LENPKKYIPGTK78 is presented 
in Figure S6. 
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Figure S6 present deuterium content of the c- and z-ions of the triply protonated cytochrome c peptide 
68LENPKKYIPGTK78 obtained from ETD of 68LENPKKYIPGTK78 from cytochrome c after native state D-to-H 
exchange for 20 min at pH 7.0, 20°C followed by proteolysis and LC-MS/MS analysis at quench conditions. The 
ETD data is compared to data from NMR (NMR data from Milne et al.5) and to the theoretical deuterium content in 
the case of complete scrambling. The ETD data show excellent correlation with data from NMR indicating that the 
level of scrambling in our ETD data is negligible. 

 

Figure S6 Deuterium content of the c-ions (a) and z-ions (b) obtained from ETD (blue) of the triply protonated cytochrome c 
peptide 68LENPKKYIPGTK78 compared to deuterium levels from NMR (green) and the theoretical deuterium content in the case 
of complete scrambling (red). Deuterium levels from ETD show excellent correlation with NMR data indicating that the level 
of hydrogen scrambling is negligible in the ETD data. Deuterium levels of c-ions (a) and z-ions (b) obtained from ETD of 
68LENPKKYIPGTK78 from cytochrome c after native state D-to-H exchange for 20 min at pH 7.0, 20°C (blue) followed by 
proteolysis and LC-MS/MS analysis at quench conditions. NMR deuterium levels (green) were obtained from cytochrome c 
exchange rates determined by Milne et al.5 (except for Asn70) and adjusted for back exchange using exchange rates from 
SPHERE6 based on Bai et al.7. Note that a 20-fold higher exchange rate was used for Asn70 in accordance with ref.8 Error bars 
represent +/- s.d. for measurements made in triplicate. Note that cn contains the backbone amide hydrogens of residue No. 1 to 
n+1 in the peptide (No. 1 is the N-terminal residue for c ions), while zn contains the backbone amide hydrogens of residue No. 1 
to n-1 (No. 1 is the C-terminal residue for z ions). The D-content of the parent ion was 2.1 +/- 0.05 Da. 
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ABSTRACT: Ultraviolet photodissociation (UVPD) has recently been introduced as
an ion activation method for the determination of single-residue deuterium levels in
H/D exchange tandem mass spectrometry experiments. In this regard, it is crucial to
know which fragment ion types can be utilized for this purpose. UVPD yields rich
product ion spectra where all possible backbone fragment ion types (a/x, b/y, and c/
z) are typically observed. Here we provide a detailed investigation of the level of H/D
scrambling for all fragment ion types upon UVPD of the peptide scrambling probe P1
(HHHHHHIIKIIK) using an Orbitrap tribrid mass spectrometer equipped with a
solid-state 213 nm UV laser. The most abundant UVPD-generated fragment ions (i.e.,
b/y ions) exhibit extensive H/D scrambling. Similarly, a/x and c/z ions have also undergone H/D scrambling due to UV-induced
heating of the precursor ion population. Therefore, dominant b/y ions upon UVPD of protonated peptides are a strong indicator for
the occurrence of extensive H/D scrambling of the precursor ion population. In contrast to peptide P1, UV-irradiation of ubiquitin
did not induce H/D scrambling in the nonfragmented precursor ion population. However, the UVPD-generated b2 and a4 ions from
ubiquitin exhibit extensive H/D scrambling. To minimize H/D scrambling, short UV-irradiation time and high gas pressures are
recommended.

■ INTRODUCTION

Ultraviolet photodissociation (UVPD) has recently been
combined with hydrogen/deuterium exchange mass spectrom-
etry as a novel approach to probe protein structural dynamics
in solution by measuring the site-specific incorporation of
deuterium into proteins and peptides. UVPD at 213 nm
yields a very rich product ion spectrum where all types of
peptide backbone cleavages are possible resulting in a mixture
of a/x, b/y, and c/z fragment ions. At first glance, the plethora
of fragment ions potentially increases the possibility for
achieving single-residue deuterium levels in UVPD-HDX-MS
experiments. However, for the application of UVPD-HDX-MS
as a tool to probe protein dynamics and structure, it is essential
to know whether all fragment ion types can be used to
determine site-specific deuterium levels. A necessary prereq-
uisite for this purpose is that the level of H/D scrambling is
negligible for all utilized fragment ion types. Otherwise, if the
level of H/D scrambling is high, then it will cause a positional
randomization of the incorporated deuterium atoms rendering
the gas phase measurements unusable with respect to
determining the original labeling pattern from solution. In
the present study, we provide a detailed investigation of the
occurrence of H/D scrambling covering all types of fragment
ions using the fully integrated commercial version of UVPD on
an Orbitrap tribrid mass spectrometer.

■ EXPERIMENTAL SECTION

Reagents and Samples. P1 peptide (HHHHHHIIKIIK,
purity 96.5%) was purchased from Genscript (Piscataway, NJ,
USA). All the remaining chemicals and reagents were obtained
from Sigma-Aldrich (MO, USA).
Selective Labeling of the P1 Peptide Scrambling

Probe. A fully deuterated peptide P1 stock solution (100 μM)
was prepared by dissolving a lyophilized peptide in 99.9% D2O.
To allow complete deuteration of all backbone amide
hydrogens in P1 (i.e., equilibration), the freshly prepared P1
stock solution was incubated overnight at 4 °C and thereafter
stored at −20 °C and kept on ice when in use. Selective
labeling was performed as previously described by a 50-fold
dilution of the P1 stock solution into the electrospray solution
(0.5 M acetic acid in 1:1 (v/v) MeOH and H2O) which had
been cooled on dry ice. Note that immediate freezing of the
droplet of the P1 solution occurs when it is transferred to the
subzero cooled electrospray solution. The solution was shaken
vigorously and manually until the frozen droplet melted, after
which the solution was transferred to a precooled 250 μL glass
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syringe (825RN, Hamilton). The syringe was cooled by
placing the syringe glass barrel between two Ziploc bags
containing pulverized dry ice (Figure S1).
Deuteration of Ubiquitin. The sample was prepared as

described earlier. Briefly, bovine ubiquitin (500 μM) was
fully deuterated in 3% acetic acid-d1 in a 1:1 (v/v) mixture of
D2O and methyl alcohol-d1 for 3 days at 37 °C, followed by
lyophilization, dissolution in 50 mM ammonium-d4 acetate-d3,
and subsequent incubation for 3 days at 37 °C. Native state D-
to-H exchange was initiated by 50-fold dilution into H2O at
25.0 °C, pH 6.6. After 1 h of D-to-H exchange, the exchange
reaction was quenched by mixing 1:1 (v/v) with ice-cold 0.40
M formic acid in methanol. The sample solution was infused
into the electrospray ion source as described for the labeled P1
peptide.
MS Measurements. All the MS measurements were

conducted on a Thermo Fusion Lumos Tribrid mass
spectrometer, utilizing the Orbitrap mass analyzer, operated
at a resolution of 500,000. The instrument was equipped with
an Ion Max source. For MS/MS and MS3 analyses, ions were
isolated in the ion trap. For UVPD, a 213 nm solid-state laser
operating at 2.5 kHz yielding 3 μJ/pulse was used. Irradiation
times were varied from 0.4 to 200 ms, corresponding to 1−500
laser pulses. CID experiments were conducted at 25%
normalized CID energy. For ETD, fluoroanthrene was used
for ETD reagent generation, and a reaction time of 50 ms for
the P1 peptide and 10 ms for ubiquitin was used. For MS3

experiments, the precursor ion was selected and subjected to
various numbers of UVPD laser pulses by increasing the UV
irradiation time (i.e., UVPD activation time as it is called in the
instrument software). Then the intact precursor ion was
reselected and fragmented by ETD. A detailed description of
the procedure and instrumental settings for achieving low
scrambling conditions using ETD on the Orbitrap tribrid mass
spectrometer is available in the Supporting Information (Table

S1). The presence of hydrogen rearrangement products which
are indicative of radical processes was investigated with a
very narrow selection window width (m/z 0.4) in order to
isolate the monoisotopic peak of the precursor (Supporting
Information, Table S2).

■ RESULTS AND DISCUSSION

Peptide P1 (HHHHHHIIKIIK) is specifically designed as a
sensitive probe for the occurrence of gas phase H/D
scrambling. The UVPD spectrum of nonlabeled peptide
P1 recorded on an Orbitrap tribrid mass spectrometer is shown
in Figure 1 along with ETD and CID spectra for comparison.
The UVPD spectrum is dominated by b/y ions, while a/x and
c/z ions are significantly less abundant (Supporting Informa-
tion, Figure S2).

The level of H/D scrambling can be accurately quantified by
peptide P1 by virtue of its ability to be selectively labeled with
deuterium atoms at its backbone amide groups in the C-
terminal half. This labeling pattern is achieved by having a
large difference in the chemical exchange rate between the
residues in the N-terminal half (HHHHHH-) and in the C-
terminal half (-IIKIIK). The bulky isobutyl side chain of
isoleucine sterically blocks the amide group from solvent
exposure and reduces the amide hydrogen exchange rate by
approximately 3 orders of magnitude relative to the accelerated
exchange rate in histidine repeats.

H/D scrambling occurs upon excessive vibrational excitation
in the gas phase which causes an intramolecular migration of
deuterons from the C-terminal half to the histidine residues in
the N-terminal half. This migration increases the mass of the
N-terminal half (and fragments thereof), and its mass shift is a
direct measure of the degree of H/D scrambling. Several
studies have shown that fragmentation methods which are
based on dissociation of protonated peptides by vibrational

Figure 1. Tandem mass spectra of triply protonated peptide P1 (HHHHHHIIKIIK) obtained using gas phase fragmentation by (a) electron
transfer dissociation, ETD, at a reaction time of 50 ms, (b) ultraviolet photodissociation, UVPD, at 213 nm irradiation time of 200 ms ∼500 pulses,
and (c) collisional-induced dissociation, CID, carried out at normalized collision energy of 25%. Asterisked peaks correspond to internal fragment
ions.
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excitation, such as CID, yield extensive H/D scrambling.
On the other hand, electron-based fragmentation methods, in
which there is no or negligible vibrational excitation of the
precursor ion prior to its dissociation, such as ECD and ETD,
do not induce H/D scrambling. However, any
instrumental setting that causes extensive vibrational excitation
of the precursor ion will result in H/D scrambling, e.g., harsh
desolvation conditions in the ion source. It is therefore critical
that the ion source and other instrumental settings are
optimized to avoid the occurrence of H/D scrambling in the
mass spectrometer.

ETD of the selectively labeled peptide P1 clearly
demonstrated that the degree of H/D scrambling was
successfully lowered to a negligible level after optimization of
the instrumental settings (Figure 2). Surprisingly, extensive

scrambling was observed for all UVPD-generated fragment
ions (a, b, and c) at a level that is comparable to that of CID-
generated fragment ions (Figure 2).

The occurrence of extensive H/D scrambling for UVPD-
generated a and c ions in our experiments is completely
unexpected as Mistarz et al. observed very low levels of
scrambling for these particular fragment ion types upon UVPD
of triply protonated P1. In order to explore the origin of
scrambling in our UVPD experiments, a series of multistage
MS experiments (MS ) on the P1 peptide was performed.
First, triply protonated P1 was selected and subjected to a
given UV laser irradiation time. After UV-irradiation, the
nonfragmented precursor ion (i.e., [P1 + 3H]3+) was
reselected and subjected to ETD fragmentation to determine
whether and to what extent the precursor ion had undergone
H/D scrambling.

The deuterium content of the N-terminal fragment ions
(c2−c6) obtained in the absence of UV-laser irradiation closely
follows the theoretical graph for 0% H/D scrambling (Figure
3a), i.e., these fragment ions encompassing the N-terminal half
of peptide P1 are virtually devoid of deuterium demonstrating
that the level of scrambling is negligible. While there is no
significant change in the deuterium content of the N-terminal
fragment ions (c3−c6) at the shortest (0.4 ms) UV-laser
irradiation time (Figure 3b), the deuterium content of c3−c6
fragments increases markedly at prolonged UV-laser irradiation
until it reaches a plateau at approximately 100 ms (Figure 3c−
e). This increase is caused by H/D scrambling which causes an
intramolecular migration of the deuterons from the backbone
amides in the C-terminal half to the labile sites of the N-
terminal half as described previously. Our results show
unambiguously that the peptide P1 precursor ion population is
gradually heated (i.e., vibrationally excited) with increasing
UV-laser irradiation time. This observation supports the notion
that two distinct fragmentation mechanisms, statistical vs
nonstatistical fragmentation, are operative in the UVPD
process. Statistical fragmentation occurs when the
electronic excitation energy is converted into vibrational
excitation (internal conversion) followed by intramolecular
vibrational energy redistribution (IVR) and subsequent
dissociation of the peptide backbone into b/y ions according
to the mobile proton model. Importantly, H/D scrambling
is an inevitable prelude to fragmentation of protonated
peptides by statistical fragmentation processes. In contrast,
nonstatistical fragmentation (i.e., direct dissociation) occurs
directly from the photoexcited state or before IVR takes place.
Therefore, direct dissociation proceeds without H/D scram-
bling, and this fragmentation pathway is assumed to be
responsible for the formation of a/x and c/z ions. Based on
these considerations, the gradual heating of the peptide P1
population shown in Figure 3 is the result of photon-
absorption followed by internal conversion and IVR which
induces scrambling but not dissociation due to insufficient
activation. The level of scrambling after 25 ms UV-laser
irradiation is 25% in the surviving precursor ions, and the level
increases to approximately 50% after 100 ms. This means that
all UVPD-generated fragment ions from peptide P1 will be
affected by scrambling with the possible exception of the
shortest irradiation time (0.4 ms). It should be noted that the
relative abundance of fragment ions is very low in the UVPD
spectrum obtained at the shortest UV-irradiation time, and this
precluded a determination of the level of scrambling for
fragments formed by a single pulse (0.4 ms, Figure S3A). This
very low abundance strongly indicates that ion activation by
ion transfer and injection by the c-trap in the tribrid
instrument is negligible. At the recommended UV-laser
irradiation times (>25 ms for peptides), all fragment ions of
peptide P1 will a priori have a significant level of scrambling
that is either equal to or higher than that of the precursor ion.
An equal level of scrambling as that of the precursor ion is
expected to be present in the UVPD-generated fragment ions
that are formed by direct dissociation which in itself does not
induce scrambling (e.g., a/x and c/z ions), while the fragment
ions formed by statistical pathways will have close to complete
scrambling as shown in the present study (i.e., b/y). This
phenomenon provides a likely explanation as to why the level
of scrambling for the UVPD-generated c ions is slightly lower
than that of the b ions.

Figure 2. Quantitating H/D scrambling upon gas phase fragmenta-
tion by electron transfer dissociation (ETD), collisional-induced
dissociation (CID), and ultraviolet photodissociation (UVPD) at
irradiation times of 50 and 200 ms. Scrambling levels were measured
by the N-terminal singly charged fragments of peptide P1 (HHH-
HHHIIKIIK, [M + 3H]3+) (≤a7, ≤b7, and ≤c6) using a tribrid mass
spectrometer with a 213 nm solid-state UV laser (n = 4). Error bars
are shown as ±1 SD.
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To investigate the susceptibility to H/D scrambling in
polypeptides upon UV-irradiation, we probed the level of H/D
scrambling in UV-irradiated ubiquitin (76 residues). In
contrast to peptide P1, UV-irradiation did not induce H/D
scrambling in the nonfragmented UV-irradiated +10 charge
state of ubiquitin (Table S3, Figure S4). However, the UVPD-
generated b2 and a4 ions from ubiquitin exhibit extensive H/D
scrambling, i.e., 84% and 64% for b2 and a4, respectively
(Figure S4). We attribute the absence of H/D scrambling in
the nonfragmented UV-irradiated ubiquitin to the presence of
many more degrees of freedom (DOF) in ubiquitin over which
the photoexcitation energy is statistically distributed. This
explanation is in line with RRKM/QET theory which
predicts that the unimolecular dissociation rate constant for
statistical fragmentation decreases with increasing molecular
size (DOFs). As expected, the UVPD-generated b2 ion, which
is formed by statistical fragmentation, exhibits a very high level
of H/D scrambling (84%) similar to that observed for b ions
from peptide P1. The UVPD-generated a4 ion exhibits a
somewhat lower degree of H/D scrambling (64%) than the b2
ion presumably reflecting a minor contribution of direct
dissociation to the formation of the a4 ion.

In the following, we will address the question as to why
UVPD of peptide P1 yields extensive H/D scrambling in the
present study, while Mistarz et al. observed virtually no
scrambling of the same peptide upon UVPD. Intriguingly, the
UVPD experimental conditions were quite similar, as the UV-

laser wavelengths were identical (213 nm) and roughly the
same number of laser pulses and pulse energies were employed
to activate the ions (i.e., 500 pulses at 3 μJ/pulse at 2.5 kHz in
the present study; Mistarz et al. used 600 pulses at 2.5 μJ/
pulse at 1 kHz). Although different types of mass
spectrometers were used, UVPD were in both cases carried
out in ion trap devices. Mistarz et al. used an ion mobility
enabled Q-ToF mass spectrometer custom modified to enable
UVPD of ions trapped in the trap T-Wave ion guide. In our
study, UVPD was carried out in the linear ion trap of a
commercially available UVPD-equipped Orbitrap tribrid mass
spectrometer. The time between initiation of UV-photo-
excitation and subsequent ion detection was at least 600 ms
in the study by Mistarz et al., while it varied from 0.4 to 200
ms in the present study. As the UV-irradiated ions are trapped
for a longer time by Mistarz et al., the virtual absence of b/y
ions in their study is not due to insufficient time to allow
fragmentation to occur (i.e., a kinetic shift effect). Importantly,
the instrumental settings were in both cases optimized for a
low degree of scrambling, i.e., the precursor ions are likely to
have had roughly similar internal temperatures prior to UVPD.
Nevertheless, Mistarz et al. observed mainly a/x with
negligible scrambling (and very low abundant b/y ions)
upon UVPD of mass-selected triply protonated peptide P1. In
contrast, the b/y ions are the dominant fragment ions in our
UVPD experiments, and all UVPD-generated fragment ions (a,
b and c ions) exhibit extensive scrambling. The difference in

Figure 3. H/D scrambling increases with UV laser irradiation time. Triply protonated peptide P1 (HHHHHHIIKIIK), selectively labeled with
deuterium at the backbone amide groups in the C-terminal half, was first UV-irradiated, and subsequently the surviving precursor ion population
was isolated and fragmented with ETD (MS3). UV-irradiation time: (a) 0 ms, (b) 0.4 ms, (c) 25 ms, (d) 50 ms, (e) 100 ms, and (f) 150 ms. The
deuterium content of the ETD-generated singly charged c ions of selectively labeled peptide P1 is shown (blue). The level of scrambling (%) for
the c4 ion is displayed. The theoretical deuterium content at 0% (green) and 100% (red) H/D scrambling is also indicated. The solid-state UV laser
wavelength was 213 nm, pulse frequency was 2.5 kHz, and 0.4 ms irradiation time corresponds to 1 pulse. The results are based on four replicates,
and the whiskers indicate 1 SD.
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the prevalent type of fragment ions and in the level of H/D
scrambling reflects that statistical fragmentation prevails in our
UVPD experiments, while nonstatistical fragmentation (i.e.,
direct dissociation) dominates in the study by Mistarz et al.
We speculate whether extensive collisional cooling causing
collisional quenching of statistical fragmentation pathways
in the trap used by Mistarz et al. is the reason why b/y ions
are nearly absent and hence explains why nonstatistical
fragment ions with negligible H/D scrambling are predom-
inant in their UVPD experiments. In support of this
hypothesis, the He gas pressure was 10-fold higher in the
trap T-Wave ion guide used by Mistarz et al. than in the low-
pressure region of the linear trap in the Orbitrap tribrid mass
spectrometer where UVPD occurs (i.e., 5.5 vs 0.6 mTorr).
In addition, theory and experiments corroborate
that collisional quenching of statistical fragmentation is
effective at elevated gas pressures. Furthermore, recent
UVPD experiments using a cryogenic ion trap suggest that
the competition between statistical and nonstatistical fragmen-
tation is strongly favored toward statistical fragmentation (i.e.,
b/y ions) when cold protonated peptides (10 K) are UV-
irradiated (193 and 226 nm) in the absence of buffer gas.

■ CONCLUSIONS

It is pivotal to keep H/D scrambling in check when ultraviolet
photodissociation (UVPD) is used as an ion activation method
to measure site-specific deuterium levels in peptides and
proteins. Our results clearly demonstrate that the presence of
abundant b/y ions upon UVPD of protonated peptides serves
as a warning sign for the occurrence of prevalent scrambling in
all fragment ion types. The underlying reason for this
phenomenon is the dual dissociation pathways which are
operative in UVPD: direct vs statistical fragmentation. In the
latter fragmentation pathway, internal conversion (IC) and
intramolecular vibrational energy redistribution (IVR) occur
prior to backbone bond cleavage. Consequently, the precursor
ion population becomes vibrationally excited during UV-laser
irradiation, and this inevitably triggers H/D scrambling via
intramolecular migration of H/D atoms among the labile H/D
sites in accordance with the mobile proton model for peptide
bond fragmentation. We note that b/y ions have been used
previously in UVPD top-down fragmentation HDX experi-
ments in the attempt to determine residue-specific deuterium
levels in myoglobin. However, our results for peptide P1 and
ubiquitin strongly suggest that UVPD-generated b/y ions
should not be used for this purpose as these ions are formed by
statistical fragmentation and therefore inevitably affected by
H/D scrambling. On the other hand, UV-irradiation of
ubiquitin did not induce H/D scrambling in the non-
fragmented precursor ion population as the internal energy
(acquired by photon-absorption followed by IC and IVR) is
distributed over many more degrees of freedom. Therefore, we
expect that UVPD-generated fragment ions which are
exclusively formed by direct dissociation to be less affected
by H/D scrambling. Nevertheless, the experimental conditions
for UVPD HDX-MS experiments should favor direct
dissociation pathways (yielding a/x and c/z ions) and disfavor
statistical fragmentation (yielding b/y ions). This is achieved
by employing short UV-irradiation time to prevent heating of
the precursor ion population and possibly by collisional
quenching of the statistical pathways with an increased gas
pressure.
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Experimental setup 

 

Figure S1. Experimental setup for direct infusion of selectively labelled peptide P1. After filling the precooled 
syringe with the cold sample solution, the syringe was immediately placed in the pump and two zip-lock bags 
with dry ice was used to cool the solution in the syringe during the experiment. Note that it is important to 
avoid direct contact between the dry ice and the metal parts of the syringe to minimize the risk of damaging
the syringe (Hamilton, 825RN). The syringe was connected to the ion source by a transfer line (peak tubing
25 cm, ID 0.127 mm). Since the transfer line was not cooled, its small dimensions together with a flow rate 10
µL/min were important to minimize the non-cooled residence time and thereby retain the selective labelling 
of the probe. When the equilibrated peptide was injected the syringe was at ambient temperature. 
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Fragment ion types observed in UVPD by intensity 

 

Figure S2. Summed intensity by ion type in UVPD MS2 for 50 ms and 200 ms activation time. The error bars 
indicate the standard deviation based on four replicates. Peak lists were generated in Xcalibur, only singly 
charged fragment ions were used for summarized intensities.  
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Optimization of source and ion transport parameters for low hydrogen 
scrambling 
Hydrogen scrambling is caused by excess vibrational activation of analytes in the gas phase, this can occur 
after desolvation in the ion source and throughout the instrument. The extent of hydrogen scrambling and the 
specific parameters which are important for its control are highly dependent on instrument design. In addition, 
standard settings for peptide MS applications commonly produce a detrimental extent of hydrogen scrambling. 
1-4 Therefore, in order to carry the solution-phase deuteration pattern into MS2 any hydrogen scrambling which
happens prior to gas-phase fragmentation should be minimized. 

Optimization of instrument parameters for low hydrogen scrambling was carried out using the P1 scrambling
probe (sequence: HHHHHHIIKIIK),5 while observing the c4 or c5 fragment ion from ETD fragmentation. The 
first step in the optimization was to identify parameters which could potentially impact the level of scrambling
prior to electron transfer dissociation (ETD). Based on learnings from previous publications on scrambling 
optimization the capillary temperature and the funnel RF setting were selected as parameters of interest for
scrambling.1-4, 6 While lowering the RF funnel setting yielded a small reduction in scrambling it was at a
disproportionately high cost to transmission, therefore the RF setting was kept at the manufacturer suggested 
30%. By lowering the capillary temperature to 225 °C, we were able to lower the scrambling to 20% for the 
c4-ion of the triply charged P1.  

In pursuit of further lowering of the scrambling level we looked to voltage offsets which are only available 
from the calibration pane (calibration offsets) in the instrument software (Thermo Scientific). In order to 
identify possible parameters of interest and their relevant range of values on the Orbitrap Fusion Lumos mass 
spectrometer (Thermo Scientific) a potential surface diagram of the ion path can be drawn in the instrument 
software (not shown). Such a diagram shows the ion optics which are tuned to apply acceleration to the ions 
during transport and trapping. Guided by the potential surface diagram, accelerating potentials can be tuned to 
lower the kinetic potential of the analyte ions while ensuring that forward ion motion is still favoured. The 
control software of the Thermo Fusion Lumos provides many ion-guiding potentials which can be manipulated 
by the user. Please note that the values listed in the control software are not absolute, but rather offsets relative
to one of several reference components in the ion path. By going through several of these potential offsets 
while altering them and observing the shift in deuteration of the c4 and c5-ion we could identify four further 
parameters which when altered, resulted in a lower scrambling level compared to the standard calibration
offsets. This optimization lowered the level of scrambling to below 10% for the c4 fragment ion of the triply 
charged P1 precursor. Due to its larger size ubiquitin is less susceptible to scrambling, therefore it was possible
to use settings that were more favourable to transmission compared to those used for P1. The parameters are 
listed in Table S1 including the values used for each data set. 

Table S1. Calibration offset names and the values used for peptide P1 and ubiquitin. 

Parameter name Peptide P1 settings Ubiquitin settings 
Source offset 1 10 
*MP00 offset 0.5 0.5 
*IRM offset, HCD inject -3 -2 
*CTL gate HCD inject - -10 
*HPT center section, LT inject -7.8 -7.8 

*MP: multipole, IRM: iron routing multipole, HCD: Higher-energy collisional dissociation, CTL: C-trap 
lens, HPT: high-pressure linear ion-trap cell, LT: linear ion-trap. 
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Data analysis 
For peptide P1 spectral averaging and centroiding was performed in Xcalibur (Thermo Scientific). For CID 
and UVPD spectra, picking of relevant precursor fragment ions was done manually. For ETD (MS2 and MS3) 
the raw line spectra export from Xcalibur was picked automatically using our in-house developed ScramblR 
web application (http://scramblr.proteinms.com). Deuterium content and relative scrambling values for all 
spectra were calculated using ScamblR. Briefly, the average mass of each envelope was calculated based on 
intensity-weighted centroids. Deuterium content was calculated as the difference between the corresponding
ions of the selectively labelled sample and an unlabelled sample. The background deuterium content present 
in the labelled sample after a 50-fold dilution was corrected for by adjusting the deuterium content of each
exchangeable hydrogen site in the unlabelled control sample by 0.02 (∆ά  in Eq. 1). The extent of hydrogen 
scrambling was calculated using the model described previously.4 The theoretical deuterium content at 0% 
scrambling (∆ά0%) can be modelled by Eq. 1 

 

 

 

 ∆ά0% = ∆ά ∙ �ὲ − ὲ +
ὲ
ὲ ∙ ∆ά − ∆ά ∙ �ὲ − ὲ  Eq. 1 

The difference between the total number of exchangeable hydrogens in a given fragment ion (ὲ ) and the 
number of slow exchanging hydrogens in a given fragment ion (ὲ ) yields the number of fast exchanging 
hydrogens. The fast exchanging hydrogens each get assigned an amount of deuterium corresponding to the 
fraction of background deuterium after dilution into ESI solvent (∆ά ). In the second term of Eq. 1 the 
deuterium content of the slow exchanging hydrogens in a given fragment ion is accounted for. First, the 
difference between the total number of exchangeable hydrogens in the precursor ion (ὲ ) and the number of 
slow exchanging hydrogens in the precursor (ὲ ) corresponds to the number of fast exchanging hydrogens 
in the precursor. These fast exchanging positions carry an amount of deuterium corresponding to the 
background deuterium level (∆ά ); therefore, this amount is subtracted from the precursor deuterium content 
(∆ά ). Then, assuming that all the slow exchanging hydrogens have the same potential to retain 
deuterium, the remaining deuterium is assigned according to the number of slow exchanging hydrogens in the 
fragment ion (ὲ ) relative to the number of slow exchanging hydrogens in the precursor (ὲ ). 

The theoretical deuterium content at 100% scrambling (∆ά100%) is described by Eq. 2. 

 ∆ά100% =
ὲ
ὲ · ∆ά  Eq. 2 

The assumption is that in the event of 100% scrambling, hydrogen and deuterium will be evenly distributed
on all exchangeable sites of a fragment ion. By calculating the %-scrambling (ὖ ) it is possible to compare 
scrambling measurements with variations in precursor deuterium content, this was done using Eq. 3. 

 ὖ =
∆ά − ∆ά0%
∆ά100% − ∆ά0%

· 100 Eq. 3 

Here, ∆ά  is the experimentally measured deuterium content for each fragment ion.  
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Table with hydrogen rearrangement products 
To determine the presence of hydrogen rearrangement products upon UVPD of triply protonated P1, a 
thorough analysis was conducted in MS2 mode with a very narrow isolation window width (m/z 0.4) in order 
to isolate the monoisotopic peak of the precursor with only a very low contribution from M+1 isotopic peak. 
The purpose was to ensure non-ambiguous assignment of the observed peaks as hydrogen rearrangement 
fragments. With the exception of b-ions, the majority of sequence fragment ions in UVPD of triply protonated 
P1 appear as hydrogen abundant and/or hydrogen deficient species, in particular for the C-terminal fragments 
(Table S2). We attribute these species as products of radical-driven fragmentation processes in UVPD7. 
 
Table S2. Illustration of the fragmentation pattern of the [P1+3H]3+ in UVPD, using 200 ms activation time 
(corresponding to 500 laser pulses). Blank indicates the respective fragment ion was not found. Coloured
fields indicate the fragment ion was found: yellow – singly charged fragment ion; blue, doubly charged 
fragment ion; green, both singly and doubly charged fragment ion. The nomenclature used here follows the
Mascot nomenclature, so the z+1 ions are those ions characteristic for ETD. 
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Spectra with varying UVPD activation time 
A comparison of UVPD spectra of peptide P1 with varying activation times recorded on the Orbitrap tribrid 
mass spectrometer is presented in Figure S3. 

 

Figure S3. UVPD spectra of triply protonated non-deuterated peptide P1 recorded with laser activation time 
of (A) 0.4 ms ~ 1 pulse (zoomed 500x), (B) 4 ms (zoomed 500x), (C) 50 ms (zoomed 16x), and (D) 200 ms 
(not zoomed) 
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Top-down fragmentation of ubiquitin 
Figure S4 shows the deuterium content of fragment ions obtained from top-down fragmentation of charge
state +10 of ubiquitin which was first fully deuterated and then subjected to native state D-to-H exchange for 
60 min at pH 6.6, 25°C. 

 

Figure S4. H/D scrambling occurs upon UVPD of ubiquitin, but the surviving UV-irradiated non-fragmented 
ubiquitin has not undergone H/D scrambling. Deuterium content of c ions generated by electron transfer 
dissociation of UV-irradiated non-fragmented deuterated ubiquitin, UV-irradiation time (open circles) 50 ms 
(diamonds) 0 ms, i.e., no UV. Deuterium content of UVPD-generated fragment ions from ubiquitin after UV-
irradiation for 50 ms (closed square) b2 ion (closed triangle) a4 ion. The theoretical deuterium content at 0% 
scrambling (green line) was obtained from exchange rate constants determined by Johnson et al. measured by
NMR.8 The theoretical deuterium content in the case of 100% H/D scrambling is also shown (red line).
Extensive H/D scrambling is observed for the UVPD-generated b2 and a4 ions, 84% and 64%, respectively. In 
contrast, the UV-irradiated precursor ion population has not undergone H/D scrambling as demonstrated by 
the nearly perfect correlation between the D content of the c ions from the UV-irradiated vs. non-UV-irradiated 
+10 charge state of ubiquitin. Also, an excellent correlation is observed between MS and NMR data, further
corroborating the absence of H/D scrambling in the non-fragmented UV-irradiated +10 charge state of
ubiquitin. Note that the numbering of the x-axis pertains to c ion size and that a cn ion contains the backbone 
amide hydrogens up to and including residue number n+1. As bn and an only contains the backbone amide 
hydrogens up to and including residue number n, these ions are offset by -1 in the plot above. All data are 
based on three replicates and the whiskers indicate one standard deviation. 
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Deuterium content of c ions generated by electron transfer dissociation of 
UV-irradiated non-fragmented ubiquitin 
 

Table S3. Deuterium content of c ions generated by electron transfer dissociation of UV-irradiated non-
fragmented ubiquitin labelled by native state D-to-H exchange for 60 min at pH 6.6, 25°C. 

c ions ETD no UV(a) 
UV-irradiation followed by ETD(b) 

0.4 ms 4 ms 8 ms 25 ms 50 ms 

c2 0.61 ± 0.03 0.63 ± 0.05 0.63± 0.01 0.61 ± 0.04 0.64 ± 0.02 0.59 ± 0.05 

c3 1.30 ± 0.07 1.33 ± 0.09 1.38 ± 0.07 1.33 ± 0.08 1.34 ± 0.01 1.31 ± 0.09 

c4 2.31 ± 0.07 2.27 ± 0.11 2.29 ± 0.09 2.25 ± 0.14 2.27 ± 0.09 2.27 ± 0.18 

c6 2.85 ± 0.12 2.86 ± 0.03 2.93 ± 0.04 2.82 ± 0.06 2.93 ± 0.08 2.87 ± 0.29 

c10 3.17 ± 0.18 3.16 ± 0.11 3.05 ± 0.08 3.10 ± 0.12 2.95 ± 0.30 2.77 ± 0.16 

(a) D-content of c ions ± std. dev. (n=3) originating from non-UV-irradiated +10 charge state of
ubiquitin. These values represent 0% scrambling and they are plotted in Figure S4. 

(b) UV-irradiation time was varied from 0.4 to 50 ms, D content ± std. dev. (n=3). Values pertaining to 
50 ms UV-irradiation are plotted in Figure S4. 

 
 

Supporting references 
1. Rand, K. D.;  Adams, C. M.;  Zubarev, R. A.; Jorgensen, T. J., Electron capture dissociation proceeds 

with a low degree of intramolecular migration of peptide amide hydrogens. J Am Chem Soc 2008, 130 
(4), 1341-9. 

2. Wollenberg, D. T. W.;  Pengelley, S.;  Mouritsen, J. C.;  Suckau, D.;  Jørgensen, C. I.; Jørgensen, T. J. 
D., Avoiding H/D Scrambling with Minimal Ion Transmission Loss for HDX-MS/MS-ETD Analysis 
on a High-Resolution Q-TOF Mass Spectrometer. Analytical Chemistry 2020, 92 (11), 7453-7461. 

3. Rand, K. D.; Pringle, S. D.; Morris, M.; Engen, J. R.; Brown, J. M., ETD in a traveling wave ion
guide at tuned Z-spray ion source conditions allows for site-specific hydrogen/deuterium exchange 
measurements. Journal of the American Society for Mass Spectrometry 2011, 22 (10), 1784-1793. 

4. Zehl, M.;  Rand, K. D.;  Jensen, O. N.; Jorgensen, T. J., Electron transfer dissociation facilitates the 
measurement of deuterium incorporation into selectively labeled peptides with single residue 
resolution. J Am Chem Soc 2008, 130 (51), 17453-9. 

5. Rand, K. D.; Jorgensen, T. J., Development of a peptide probe for the occurrence of hydrogen 
(1H/2H) scrambling upon gas-phase fragmentation. Anal Chem 2007, 79 (22), 8686-93. 

6. Landgraf, R. R.;  Chalmers, M. J.; Griffin, P. R., Automated hydrogen/deuterium exchange electron 
transfer dissociation high resolution mass spectrometry measured at single-amide resolution. J Am Soc 
Mass Spectrom 2012, 23 (2), 301-9. 

7. Reilly, J. P., Ultraviolet photofragmentation of biomolecular ions. Mass Spectrom Rev 2009, 28 (3), 
425-47. 

8. Johnson, E. C.;  Lazar, G. A.;  Desjarlais, J. R.; Handel, T. M., Solution structure and dynamics of a 
designed hydrophobic core variant of ubiquitin. Structure 1999, 7 (8), 967-976. 

 



 
 

PhD School at the Faculty of Science  

Coauthor statement related to the PhD thesis:   
 
Paper: 
 
Modzel, M.;  Wollenberg, D. T. W.;  Trelle, M. B.;  Larsen, M. R.; Jørgensen, T. J. D., Ultraviolet 
Photodissociation of Protonated Peptides and Proteins Can Proceed with H/D Scrambling. Anal. 
Chem. 2021, 93 (2), 691-696. 
 
The undersigned (co)-author who is: 
  

 First author 
✘ Senior author 
 
on the paper above, hereby confirms that Daniel T. Weltz Wollenberg has contributed to the work 
as stated below: 
 
Write a few sentences for each item below, how and how much the PhD student has contributed. 
 
1. Intellectual input: 
 
Estimate the PhD student’s contribution in percentage rounded up to the nearest 20%:  60% 
 
Daniel T. Weltz Wollenberg (D.T.W.W.) contributed significantly to the design and implementation 
of the research. D.T.W.W. and M. Modzel contributed equally to the work presented in the 
publication listed above. Therefore, D.T.W.W. shares first authorship with M. Modzel. 
 
2. Experiments/computations and/or data analysis:  
 
Estimate the PhD student’s contribution in percentage rounded up to the nearest 20%:  40%  
  
D.T.W.W. worked out the essential technical details that were necessary for M. Modzel to carry out 
the UVPD measurements. D.T.W.W. contributed significantly to processing of the experimental data 
and the data analysis. 
 
3. Writing process: 
 
Estimate the PhD student’s contribution in percentage rounded up to the nearest 20%: 40%  
 
D.T.W.W. wrote part of the manuscript and designed some of the figures. 
 
First or Senior author    PhD Student 
 
  
Thomas J. D. Jørgensen 
_______________________________________________  _______________________________________________  
Written Name     Written Name   
 
 
_______________________________________________  _______________________________________________  
Signature      Signature 
  
 

Daniel T. Weltz Wollenberg



 
 

PhD School at the Faculty of Science  
 
    
Manuscripts or articles included in the thesis may be prepared in collaboration with others, 
however, the PhD-students proportionate share of this work must be clearly stated in form of a 
co-author statement from the first author and/or the senior author.    




